
  

Determination and quantification of surface lipid metabolites in maize silks:  A pathway 

model for surface lipid biosynthesis based on simultaneous profiling of polar and non-polar 

metabolites  

 
 

by 
 
 

Layton Andrew Peddicord 
 
 

A thesis submitted to the graduate faculty 
 

in partial fulfillment of the requirements for the degree of 
 

MASTER OF SCIENCE 
 
 

Major: Genetics 
 

Program of Study Committee: 
Nick Lauter, Co-Major Professor  

Marna Yandeau-Nelson, Co-Major Professor 
Basil J. Nikolau, Co-Major Professor 

Drena Dobbs 
Peng Liu 

 
 
 

 
Iowa State University 

 
Ames, Iowa 

 
2013 

 
Copyright © Layton Andrew Peddicord, 2013. All rights reserved.



ii 

 

 

DEDICATION 

   I’d like to dedicate this research to my family, Layton, Judy and Rebecca, who 

have been supportive throughout my research and educational experience.          



iii 

 

 

TABLE OF CONTENTS 

              Page 

DEDICATION ..............................................................................................................  ii 

LIST OF FIGURES ........................................................................................................  v 

LIST OF TABLES ..........................................................................................................  vii 

NOMENCLATURE .......................................................................................................  viii 

ACKNOWLEDGEMENTS .............................................................................................  ix 

ABSTRACT ..................................................................................................................  x 

CHAPTER 1  Introduction.......................... .........................................................         1 

 Literature Review………………………………………………………………. .............................  4 
 Thesis Outline………………………………………………………………………………………………...  7 
 References………………………………………………………………………. ...............................  8 
 
CHAPTER 2  Development of metabolomic methods for the simultaneous 
identification of polar and non-polar surface lipid metabolites:  A gateway to the 
further understanding of cuticular lipid biosynthesis in maize silks .........................  16 
 
 Abstract……………………………………………………………………………………………………….…  16 
 Introduction… ......................................................................................................  17 
 Results and Discussion ........................................................................................  21 
 Summary…………………………………………………………………………………………………………  51 
 Experimental Methods ........................................................................................  54 
 References….. ......................................................................................................  59 
 
 
CHAPTER 3 Determination and quantification of unsaturated metabolites               
in maize silks:  An updated pathway model for cuticular wax biosynthesis .............  67 
 
 Abstract………………………………………………………………………………………………………….  67 
 Introduction….. ....................................................................................................  69 
 Results and Discussion ........................................................................................  71 
 Summary………………………………………………………………………………………………………..  107 



iv 

 

 

 Materials and Methods .......................................................................................  110 
 References……………………………………………………………………………………………………..  114 
 
CHAPTER 4 Summary and Conclusions .............................................................  121 

 Future Directions………………………………………………...............................................  126 
 Limitations and caveats…………………………………………………………………………….…….    128 
 References…………………………………………………………………………….……………………….    129 



v 

 

 

LIST OF FIGURES 

Page 
 

Figure 1 Metabolomic method testing scheme ......................................................  23 
 
Figure 2  Correlation among hydrocarbon class traits .............................................  28 
 
Figure 3 Solvent impact on recovery…………………………………………………………………..  30 
 
Figure 4  GC-MS chromatograms of metabolites derived from extractions       
performed with or without silica ..............................................................................  35 
 
Figure 5 Lipid compositions derived from extractions performed with or             
without silica……………………………………………………………………………………………………..…  37 
 
Figure 6 Abundance expressions at different solvent incubation times..…………….. 41 

Figure 7 Abundance expression among surface lipid class traits…………………………  43 
 
Figure 8  Metabolite recovery for different solvent incubation times ....................  45 
 
Figure 9 SL relative composition varies according to incubation times……………….  49 
 
Figure 10 Gas chromatograph of the surface lipid fraction of B73 emerged silks….. 73 
 
Figure 11 Determination of unsaturated metabolites with mass-spectral            
detection ………………………………………………………. .......................................................  80 
 
Figure 12 Hydrocarbon composition comparison between extracts from dry, 

powderized silks vs. fresh silks immersed in solvent……………………………………………..  84 

Figure 13 Transmethylation aids in recovery and identification of DMDS adducts .  90 

Figure 14 Detection of dimethylacetals by transmethylation ..................................  96 
 
Figure 15 Putative odd-numbered hydrocarbon biosynthetic pathway………………..     102 
 
Figure 16 Putative even hydrocarbon biosynthetic pathway ...................................  103 
 



vi 

 

 

Figure 17 Mass spectral identification of methyl branched hydrocarbons ..............  105 
 



vii 

 

 

LIST OF TABLES 

 Page 

Table 1 Lipid composition from powderized B73 silks extracted in                      

hexanes: diethyl ether (90:10) ..................................................................................  27 

Table 2 Solvent impact on silk lipid traits.………………………………………………………….  33 
 
Table 3 Incubation time impact on silk lipid class traits ........................................  39 

Table 4 B73 silk surface lipid composition .............................................................  47 

Table 5 Analysis of Variance:  The impact of incubation time on silk relative           

composition traits using hexanes: diethyl ether (90:10) (no silica was used)……….  50 

 
Table 6 Surface lipid composition of B73 maize silks determined from 

transmethylated extracts ..........................................................................................  76 

Table 7 Alkene comparisons of fresh, whole to dry, powderized silks ..................  87 

Table 8 Fatty acid composition of powderized silks……………………………………………. 94 
 
Table 9 Composition of saturated branched hydrocarbons ..................................  107 

 



viii 

 

 

NOMENCLATURE 

 

SL Surface Lipid 

FA Fatty Acid 

HC Hydrocarbon 

DMDS                   Dimethyl Disulfide 

VLC            Very Long Chain 

SHCs                   Surface Hydrocarbons 

AMDIS               Automated Mass Spectral Deconvolution and Identification System 

GC-MS Gas Chromatography Mass Spectrometry 

TLC Thin Layer Chromatography 

ANOVA Analysis Of Variance 

ADO Aldehyde-Deformylating Oxygenase  

M+ Molecular Ion 

VLCFA Very Long Chain Fatty Acid 

IBM Intermated B73xMo17 

IBMDHLs Intermated B73xMo17 Doubled Haploid Lines 

IBMRILs Intermated B73xMo17 Recombinant Inbred Lines 

RI Retention Index 



ix 

 

 

ACKNOWLEDGEMENTS 

 

I would like to thank professors Lauter, Yandeau-Nelson and Nikolau for 

guidance and support throughout the course of my MSc dissertation research.  The 

work herein is part of a large interdisciplinary project spearheaded by these 

investigators, requiring significant management, personnel, physical and financial 

resources that were collaboratively provided by them.  Many individuals contributed to 

this work.  Specifically, I thank the maize genetics and field team (Dr. Lauter, Dr. 

Yandeau-Nelson, Miriam Lopez, Hannah Cox, Grace Kuehne, David Hessel, Adam 

Bossard) for assistance in generating genetic stocks, growing plant materials, and 

collecting and processing silk samples.  I also thank the metabolomics team (Dr. 

Yandeau-Nelson, Dr. Nikolau, Sam Condon, Dr. Lauter, Dr. Zhihong Song and Dr. Ann 

Perera) for sharing expertise in experimental design, chemical extraction, GC-MS 

methods, and biochemical interpretation.  I am also grateful to my Program of Study 

Committee members which include Dr. Peng Liu and Dr. Drena Dobbs for their 

guidance and to Dr. Chris Tuggle and Ms. Linda Wild for administrative support during 

my degree program.  Thanks also to my father Layton, mom Judy, and sister Rebecca 

for their encouragement and financial support throughout my education and to my 

fiancée Sarah Cloud for her patience, respect and love.  Finally, I wish to acknowledge 

the sources of funds that made this research possible:  ISU Interdepartmental Genetics 

Graduate Program, USDA-NIFA, NSF-EFRI, and DOE.   



x 

 

 

ABSTRACT 

 

The elongated stigmas in maize (i.e. silks) are a vital organ for the reproductive 

success of a major U.S. agricultural crop.  These silks possess an extractible coat of 

surface lipids that is predominantly composed of a complex array of hydrocarbons that 

function to protect the silks against abiotic and biotic stresses.  While hydrocarbons are 

most likely produced from the conversion of fatty acids, the exact biochemical 

mechanisms for their synthesis remain unknown. Our team is leveraging genetic 

variation and morphological gradients during silk development to dissect the metabolic 

network responsible for surface lipid accumulation. 

 These metabolomic efforts require a series of large-scale parallel investigations 

that rely on metabolite extraction and gas chromatography mass spectrometry (GC-MS) 

for metabolite identification and quantification. To extract and quantify the 

intermediate- (e.g. fatty acids and aldehydes) and end-point (e.g. hydrocarbons) 

surface lipid metabolites in a single extraction procedure, we have undertaken a 

methods development study to identify the best extraction solvent, the best incubation 

time, the consequences of filtering through silica, and the best GC-MS protocol.  We 

found that a 9:1 mixture of hexanes to diethyl ether, a long incubation time, and the 

omission of silica performed best as judged by 1) throughput efficiency, 2) the breadth 

of identified metabolites, 3) the degree to which the quantifications of subsets of 
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metabolites matched results from our previous best methods, and 4) the efficacy and 

efficiency of the GC-MS protocol required to differentiate the metabolites.    

From this study alone, new insights into maize hydrocarbon biosynthesis have 

already been gained.  For example, we have identified homologous series of saturated 

and unsaturated fatty acids, aldehydes and hydrocarbons, which suggest a 

decarbonylation mechanism that produces even- and odd-chain hydrocarbons from 

odd- and even-chain fatty acids, respectively.  Moreover, we have demonstrated that a 

homologous series of alkenes with double bonds situated at the 7th and 9th positions 

are most abundant, and we have identified a corresponding series of unsaturated fatty 

acids with double bonds positioned at ω—7 and ω—9.  Together, these data suggest 

that the reduction of even- and odd-numbered fatty acids (saturated or unsaturated) 

followed by the decarbonylation of their corresponding aldehydes represent a key 

pathway for hydrocarbon synthesis on maize silks. 
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CHAPTER 1. INTRODUCTION 

 

Rationale:  The cuticular surface lipids (SLs) that coat maize silks consist of a 

wide array of saturated and unsaturated hydrocarbon (HC), aldehyde and fatty acid 

(FA) constituents, with minor contributions from alcohols and ketones in certain maize 

lines [1,2,3,4].  The SLs on silks are primarily (>90%) non-isoprenoid hydrocarbons, 

including alkanes and alkenes (monoenes and dienes).  By contrast, juvenile and adult 

maize leaves have been shown to have far lower levels of HCs and are mostly made up 

of fatty alcohols, esters and aldehydes [5,6].    

The protective properties inherent to the coating on the silk are often 

underappreciated, despite their importance in successfully receiving pollen for 

reproduction [7].  SLs have been found to provide protection against abiotic stresses 

such as dessication [8,9] and UV radiation [10], and biotic stresses, such as insect 

feeding by moths and beetles [2,11,12] and pathogen invasion [13].    

  After pollen grains are deposited on the silk epidermis they germinate and the 

pollen tubes elongate via tip growth to enter the silk channel through the thin walls of 

small trichomes, or hairlike cells [14,15].   These trichomes can be prone to osmotic 

stress which can hinder silk receptivity to pollen entry by causing cell wall and 

subsequent densification of cuticular components [16]. The SLs on maize silks are rich 

in very long chain (VLC) alkanes.  Similar highly non-polar metabolites found in the leaf 

cuticle in Arabidopsis have been found to limit water diffusion [17] on the cuticle.  We 
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hypothesize that specific compositions of the silk SL metabolome confer protection of 

this vital organ against drought and other environmental stresses. 

Maize silks are an excellent model system for dissecting the SL metabolome 

because, 1) silk development is rapid 3-12 grams of fresh silk biomass per ear are 

typically generated in the first three days following emergence of silks from the 

encasing husk leaves and, 2) SLs (primarily alkanes, alkenes and dienes) comprise nearly 

2% of the dry weight of silks. 

Knowing and understanding how the SL metabolome is regulated and protects 

against specific environmental stresses will allow for applied breeding to achieve 

“designer” SL compositions to improve resistance for stresses such as  drought.  The 

ability to breed agronomically important maize lines would not only provide an 

opportunity to increase productivity (yield), but it could lead to a decrease in 

agricultural inputs (e.g. chemical treatments, irrigation).     

Since similar SL chemistries also exist in other U.S. crops (e.g. rice, soybean and 

cotton), this work presents many important downstream applications to other 

reproductive organs, and aerial organs [18,19,20,21] not including maize.  Seeing that 

surface HC content increases in both soybean and cotton in drought stressed plants 

[18,20], as well as in the anthers and leaves of rice [19,21], suggests that HC content is 

negatively correlated with water loss and cuticular permeability, indicating a role in 

tolerance to drought [21].   
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While the main goal of the larger project, as a whole, is to provide an insight 

into HC biosynthesis in corn and to find genetic elements that catalyze or regulate HC 

production, we feel this research could also have a downstream impact in the realm of 

engineering advanced biofuels.  Most of the surface metabolites found on maize silks 

consist of alkane and alkene constituents which are nearly identical to the components 

found in fossil fuels.   Elucidating the biochemical origins of these hydrocarbons and 

how they are biosynthesized could also be used in engineering target crops to produce 

novel waxes with specific chain-length distributions in oilseeds [22] which produce 

these highly advanced fuels.   

Knowledge of how HCs are produced could be utilized in the biofuel sector, 

since gasoline and diesel fuel are currently made by crude fossil fuel consisting mixtures 

of diverse chain-length HCs [23].   Since silk SLs are mostly comprised of non-isoprenoid 

VLC HCs, knowledge of this HC synthesis pathway could be exploited in producing 

short, medium-chain and branched-chain HCs for renewable high-energy applications.  

It is our hypothesis that the cuticle ultrastructure and chemical composition (SLs) may 

have a major impact on conferring resistance to abiotic stresses.  While little is known 

on what SL metabolites may confer this resistance, it is our understanding that these 

stress related conditions might induce changes upon the SL metabolome [3].   

Development of a metabolomic method, herein, to simultaneously profile all SL 

metabolites including fatty acid, aldehyde and HC compounds would provide a gateway 
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to analyze these SL metabolome changes more directly from various stress related 

conditions.     

 

LITERATURE REVIEW 

 

 While the biological production of HCs most likely occurs from the conversion of 

saturated and unsaturated FAs to alkanes and alkenes, respectively, the genetic triggers 

and exact biochemical mechanisms have not been well characterized in plants, except 

for recently in Arabidopsis [24] where new data suggests that CER1 [25] and CER3 [26] 

form an “alkane synthesis complex” suggesting the production of aldehyde 

intermediates from FA precursors.  This was based on the cloning and characterization 

of cer1 [27] as well as overexpressing CER1 [28] to see an increased accumulation of 

HCs on the cuticle suggesting a gene that encodes an aldehyde decarbonylase.  Further 

evidence has shown that the cuticles of cer1 and cer22 mutants, recently found to be 

alleles of the same gene [29], have reduced levels of alkanes increased levels of 

aldehydes [17,30,31], which supports a decarbonylation mechanism from VLCFA 

precursors to alkanes.   

While scientific approaches aimed at defining the pathway for HC biosynthesis 

have taken advantage of many mutants, such as in Arabidopsis [32], maize [33], rice 

[21,34,35] and  tomato [36,37,38], our understanding of HC biosynthesis in maize (and 

other plants) still remains incomplete.  GLOSSY1 in maize was considered to be a 
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homolog to CER1 in Arabidopsis, but recent characterization of the cuticular phenotype 

and sequence identity of glossy1 mutants in maize [39,40] to cer1 mutants in 

Arabidopsis has proven otherwise.  From sequence comparisons at the protein level, 

glossy1 shared a 62% sequence identity to wax2, but only a 35% sequence identity to 

cer1 [40].  The Nikolau group has found glossy1 to be a functional homolog to CER3 in 

Arabidopsis, which in rice, has appeared to shown activity in the elongation of VLCFAs 

[35].  VLCFAs, which are the precursors for the synthesis of hydrocarbons, are 

synthesized by the fatty acid elongase system.  This elongase system has been 

characterized and in maize corresponds to glossy4 [33,41], glossy8 [42,43,44] and 

glossy26 (Nikolau group, unpublished data).   

Over the past several decades, four main mechanisms for the biosynthesis of 

hydrocarbons have been proposed, but currently only one mechanism has been found 

to be active in plants [45].  These mechanisms are 1) a head-to-head condensation 

reaction between two fatty acids [46,47], 2) a decarboxylation reaction from a FA 

precursor [48], 3) a decarbonylation reaction, whereby a FA precursor is reduced to an 

aldehyde which is subsequently decarbonylated to the corresponding hydrocarbon [45] 

and 4) a dehydration mechanism, whereby a FA is first reduced to an aldehyde, which is 

further reduced to a primary alcohol intermediate, and the primary alcohol is 

dehydrated to a hydrocarbon of the same length as the VLCFA precursor [49].  

Due to the high abundance of HCs, aldehydes and FAs in maize silks, alkanes and 

alkenes are thought to be biosynthesized by the decarbonylation of an aldehyde 
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intermediate, which have already been characterized in plants [45], insects [50], and 

algae [48].  Recent work in cyanobacterium has shown a decarbonylase-dependent 

alkane synthesis pathway in Synechococcus elongatus [51], but in subsequent research, 

in Nostoc punctiforme [52,53], a homologous enzyme revealed that the catalytic 

function actually acts as an aldehyde-deformylating oxygenase (ADO) to generate 

alkane and alkene end-point metabolites.  While no known homolog in maize has been 

revealed, the ADO is thought to act on acyl-ACP substrates, which in advanced plants 

are limited to the mitochondria and plastids of 18-carbon chain lengths and shorter.  

While a small subset of the odd-chained alkanes and alkenes found herein have 

been previously reported in B73 [3], even-chained alkanes and alkenes had not, which 

points to a more complex pathway of possible odd-chained FA precursors.  In select 

maize genotypes, even-chain HCs and odd-chain FAs and aldehydes have been detected 

in great abundancy [2].  Too add to these unique metabolites, in the maize inbred 

CO272, highly abundant methyl alkanes have been detected in the surface lipid fraction 

of maize silks [1].  These rare metabolites contained a methyl group attached to the 

second carbon and were seen to be as abundant as the saturated odd-alkanes at C27, 

C29 and C31. 

For alkene biosynthesis, parallel pathways have been proposed, which consists 

of either elongation-desaturation or desaturation-elongation of the FA precursor, 

followed by direct decarbonylation [3].  While these proposed pathways were based on 

the detection of unsaturated fatty acids at C18, no other unsaturated fatty acids were 
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detected for chain lengths greater than C18 [3].  The other hindrance to the above 

proposed pathways was the lack of detection for saturated and unsaturated aldehdyes 

shorter than 26 carbons and longer than 30 carbons in chain length.  One other 

pathway was proposed which involved elongation then isomerization; this was 

postulated to explain the origin of unsaturated methylketones [3].          

 

THESIS OUTLINE 

  

 Chapter 1 focuses on the importance of this research project to the 

environmental sustainability and productivity for a major seed crop that would allow 

for future protection by improving SL compositions to the SL metabolome.  A literature 

review is provided that describes the current understanding in the field regarding the 

biochemical mechanisms for the biosynthesis of hydrocarbons across organisms. 

 Chapter 2 describes the development of a metabolomic method that not only 

efficiently extracts non-polar SL metabolites (HCs) but also simultaneously extracts 

more polar SLs such as aldehydes, ketones and FA constituents.  The goal of this work 

was to identify a method to extract precursors (FAs), intermediates (aldehydes, 

alcohols, etc.) and end-point metabolites (HCs and ketones) in one extraction method.   

 Chapter 3 reports the application of the method developed in Chapter 2 to into 

the actual dissection of this metabolomic network for HC biosynthesis by profiling 

saturated and unsaturated compounds by dimethyl disulfide derivitization.  To view 
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precursors, intermediates and end-point metabolites in deciphering the metabolic 

network, lipid extractions from both ground and fresh silk materials were integrated.  

Compositionally, internal vs surface metabolites were also compared and quantified. 

 Chapter 4 provides a summary and conclusions for this body of work.  Future 

experiments are proposed in which the methods developed in this thesis can be applied 

to further dissect the SL metabolic network. 
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ABSTRACT 

Maize silks possess a unique and diverse array of complex surface lipid 

metabolites, including large quantities of both non-polar (hydrocarbons) and slightly 

more polar (fatty acids, aldehydes and ketones) constituents on the silk surface.  Silk 

surface lipids are composed of mostly unbranched, linear hydrocarbons, including 
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alkanes, alkenes or dienes that are 14 to 35 carbons in length.  The remaining SLs 

comprise fatty acid precursors and aldehyde/ketone intermediates of the hydrocarbon 

biosynthesis pathways, which remain enzymatically undefined.  To extract and analyze 

this diversity of polar and non-polar lipids simultaneously, experiments to develop 

efficient metabolomic methods were undertaken.  Five solvents with increasing levels 

of polarity, two treatments (with and without silica) and varied solvent incubation 

times were tested.  As revealed by GC-MS metabolite profiling, silica removed virtually 

all moderately polar compounds (e.g. fatty acids) from the extracts, regardless of 

solvent choice.  Overall, the hexanes: diethyl ether (90:10) solvent most efficiently 

extracted both fatty acids and hydrocarbons from the silk surface.  Relative 

composition of extracted surface lipid metabolites was also affected by solvent; for 

example, alkenes were more readily extracted with the less polar solvent, hexanes: 

diethyl ether (95:5) as compared to the hexanes: diethyl ether (90:10) solvent.  Solvent 

incubation time also affected the relative composition (alkenes, dienes and fatty acids) 

as well as the compound abundance of both non-polar and more polar silk lipids.  

Finally, analyses of intact vs. powderized silks have been executed to determine surface 

vs. internal metabolite abundances and compositional differences. 

 

INTRODUCTION 
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The importance of maize silk cuticular lipids for protection against pathogen 

invasions [1], dessication [2,3], UV radiation [4], and pest feeding (moths, beetles and 

insects) [5,6,7] is often overlooked.  Not only are silks a first point of contact for entry 

into the ear for pests and fungi from the outside environment, but they also serve as 

conduits for pollen to enable fertilization.  The SLs that coat these silks have been found 

to have defense against abiotic and biotic stresses; during the critical time in pollen 

reception, this defense is essential for the reproductive success of a major seed crop 

[8].   

 Silk development is very fast; 3 to 12 grams (fresh weight) of biomass can be 

produced per ear in a short interval of time (< 7 days).  Not only is this tissue easy to 

collect and process, but metabolomic studies have shown that surface lipids (SLs) 

comprise 2% of the dry weight of silks [9].  Of these SLs, 90% are non-isoprenoid 

hydrocarbons (e.g. alkanes, alkenes and dienes) while the remaining 10% is made up of 

fatty acids, ketones and aldehydes, which are presumed to be intermediates in the 

biosynthesis of these hydrocarbons [10].  While most maize lines contain high levels of 

odd alkanes and alkenes on their silk surfaces, the relative composition and array of 

metabolites is rather diverse and genotype specific [6].  Even though these 

hydrocarbons are prevalent on the silk cuticle, they are far less abundant on the 

cuticles of juvenile [11] and adult [12] maize leaves, which comprise mostly of fatty 

alcohols, esters, aldehydes with few amounts of alkanes.  
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 Given that biological unsaturated (alkenes and dienes) and saturated (alkanes) 

hydrocarbons are rare in biological systems [13,14,15,16], maize silk provides a unique 

opportunity to explore and quantify a rich display of long and VLC hydrocarbons (C14-

C35).   However, the methods for extraction of this complex mixture of surface lipid 

metabolites may need further development.   

 Recently, the fatty acid content in lipid extracts have been detected, analyzed, 

and quantified by gas chromatography mass spectrometry (GC-MS).  To improve 

recovery and volatility during gas chromatography, many free fatty acids are 

transformed into FA methyl esters (FAMEs) [17,18] via direct methylation or through 

transmethylation after lipid extraction.  Direct methylation has been applied to a 

diverse range of tissues [19,20,21,22,23,24] and used as a cost-efficient strategy on 

relatively small samples of tissue, resulting in low solvent consumption [25].  It has also 

been shown to extract highly polar lipids with an astounding success rate compared to 

a normal extraction [23]. 

 Traditionally, lipids have been extracted using three methods:  the Bligh and 

Dyer (B&D) [26], Soxhlet [27] and acid hydrolysis [28].  While scientists have refined 

these basic procedures, little documentation of improvements and thorough 

evaluations is available in the present literature [29].  While the danger of the toxicity 

of chloroform is reduced in the B&D method (1:2 chloroform/methanol) from the 

original Folch (2:1 chloroform/methanol) [30], no significant difference was detected in 
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fatty acid composition [29], though the B&D is thought to increase recovery to >95% of 

the total lipids [31].  An alternative to the Folch method was developed in which a dry-

column was used to extract lipids with anhydrous sodium sulfate and dichloromethane 

[32]; this method did however get tailored in respect to incubation time in experiments 

with liver and muscle tissues [33].  The most popular method to date for lipid 

extractions, the B&D, has been shown to yield high recovery in lipids across many 

diverse sets of tissues.  While numerous modifications have been made in this 

technique with additions of 1M NaCl [34], acetic acid (0.5% v/v) [35], and acidification 

with HCl [36] to improve extraction efficiency, quantification and effectiveness of these 

modifications have not been reported extensively in respect to metabolite recovery.    

While Franz Soxhlet first examined milk lipids with the extraction solvent diethyl 

ether [37], many scientists improved upon this method by using the solvent mixture 

ethanol: diethyl ether [38,39] for total lipid extractions.  Concurrently, other specialized 

procedures were developed involving low-toxicity blends involving hexanes [40], 

hexanes/isopropanol [41,42,43], and a modified hexanes/isopropanol protocol to 

extract plant sphingolipids [44].  Other lipid extraction methods have used methyl-tert-

butyl ether (MTBE) in conjunction with methanol and water [45] to extract lipids from 

blood [46] and from human brain tissue [47].  The accurate measurement of total lipid 

content is important for many tissue studies [29].  In the current study, a series of 

extraction methods were applied to silks harvested from the inbred line B73 with the 
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goal of developing an efficient method to simultaneously profile non-polar and polar 

cuticular wax metabolites. 

 The purpose of this work was to find a solvent mixture that maximized the 

capture of non-polar (hydrocarbons) and slightly polar (aldehydes, ketones and fatty 

acids) lipid metabolites simultaneously while allowing accurate quantification of 

metabolites.  Using solvents varying in polarity, fatty acid content was also analyzed 

and quantified using transmethylation after the lipids were extracted from the silk 

tissue.  Solvent incubation time was tested for recovery and abundance of metabolites 

within a set sensitivity threshold (medium) in AMDIS.  Experimentally, lipid extracts 

were then subjected to silica purification to assess if the metabolite array and relative 

abundance differed upon application.  While many method studies have looked at total 

lipid extractions, with various solvent mixtures, in specific tissue types, no reported 

literature in maize has examined, quantified and tested metabolite recovery and 

abundance with hexanes, chloroform and diethyl ether mixtures at various solvent 

incubation times. 

 

RESULTS AND DISCUSSION 

Methods development  
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To develop an efficient extraction method to extract and quantify the diverse 

range of slightly polar and non-polar metabolites from silks, solvent choice, purification 

treatment, and incubation time combinations were all integrated into a series of tests.  

A flowchart of the experimental scheme is presented in Figure 1.   

Various solvents, with increasing polarity, have been tested including:  hexanes, 

hexanes: diethyl ether (95:5), hexanes: diethyl ether (90:10), hexanes: chloroform (1:1) 

and chloroform.  The dielectric constants range from 1.88 (hexanes) to 4.81 

(chloroform).  Within each solvent, a purification treatment of silica was applied or not 

applied to samples to assess whether the metabolite array stayed consistent or not.  In 

addition, time length of extraction was also tested.  Incubation times for different 

solvents ranged from 1 minute to 30 minutes of vortexing (Fig.1).  The 1, 2, 5 and 10 

minute vortexed extractions were based on a single extraction with 2ml of solvent, 

whereas the 20 minute and 30 minute extraction times were based on 2 and 3 10-min 

vortex extractions, respectively.  Each sample contained a pinch of glass wool; this 

served two purposes: (1) as a filter for drawing up solvent in the silica samples, and as a 

(2) trap, after vortex and centrifugation, to separate silk debris from the extract.  After 

samples had been vortexed (2min) and centrifuged (1min), the extracts were placed 

into a new clean glass tube upon drying and concentration, prior to the GC-MS run.   
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Figure 1 

 

 

 

 

 

 

 

Figure 1   Metabolomic method testing scheme 
 
Solvents tested are listed atop the scheme based on increasing 
polarity from left to right as inferred from their dielectric 
constants. As each solvent was used to extract SLs, multiple 
incubation times and repetitions were tested.  After the 
extraction, the extracts were placed into tubes that either 
contained silica and glass wool or tubes that only contained glass 
wool.  These samples were then vortexed for 2 minutes followed 
by a 1-minute centrifugation, which was repeated two times.  
After the samples had been purified, the extracts were then 
drawn up and placed into a new glass tube that was subjected to 
evaporation via N2 gas.  After the samples were concentrated, 
they were analyzed by GC-MS. 
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Silk lipid composition in powderized silk 

Metabolite analyses from a 3 x 10 minute extraction of powderized silk with the 

solvent hexanes: diethyl ether (90:10), indicate that they consist of a homologous 

series of alkanes, alkenes or dienes that range from 14 to 33 carbon atoms (Table 1).  

Many compounds, such as the even saturated and unsaturated hydrocarbons, have not 

yet been previously reported in maize.  Even without derivatization, many fatty acids 

were still evident, including constituents that range from 9 to 18 carbon atoms (C9-

C18).  For two different chain length fatty acids, unsaturated compounds were found 

and identified through DMDS adducts.  These include one mono-unsaturated fatty acid 

(9-hexadecanoic) and one di-unsaturated fatty acid (9, 12-octadecadienoic).  Both of 

these unsaturated compounds are also ones that were found when silks were 

immersed in chloroform for 60 seconds that were found on the silk cuticle alone [10].  

The even and odd-chain hydrocarbon, fatty acid, and aldehyde constituents (Table 1) 

were identified and determined first before the solvent tests were conducted.  This was 

to analyze and compare compositionally what metabolites would be recovered in 

greater abundance or lost in respect to different incubation times, solvent mixtures and 

through silica filtration. 

The most predominant hydrocarbons that were recovered were the straight-

chain alkanes, C27 and C29.  Alkenes were also very prevalent in the GC-MS analyses, 

including a homologous series that ranged from C22 to C33 consecutively.  Although a 
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diverse range of alkenes was seen in the GC-MS analysis of the DMDS adducts, only a 

few defined unsaturated alkyl chains were most prominent.  For C22, an unsaturated 

hydrocarbon was found that was seen to have a double bond position located between 

the 6th and 7th carbon.  For carbon chain lengths from 23 to 33, two discrete alkenes 

were identified that contained a double bond between the 7th and 8th carbon as well as 

the 9th and 10th carbon atoms.  These two unsaturated alkenes (delta 7 and delta 9) 

were the most prominent in our analyses.  In carbon chain lengths 29, 31 and 33, three 

alkenes were evident.  Besides the delta 7 and 9 alkenes, a C29 alkene contained a 

double bond between the 14th and 15th carbon, while C31 and C33 contained an alkene 

with a double bond positioned between the 15th and 16th carbon atoms.  These were 

the only carbon chain lengths that were found to contain measureable levels of more 

than two alkene isoforms.  Also, many other less abundant alkenes were observed in 

the DMDS results that co-eluted with some of the discrete delta 6, 7, 9, 14 and 15 

alkene isoforms.  These delta values ranged from 4 to half of the length of the molecule 

rounded down.  Many of these distinct alkenes have not yet been reported in maize, 

but were far less abundant than the ones mentioned already in this paper. 

Mass-spectral analyses of dimethyl disulfide adducts of dienes identified the 

positions of the two double bonds.  Since fragmentation was more difficult to decipher 

with these, many dienes have been labeled as such in the table (x,y).  Analysis did 

identify one series of homologous dienes with double bond positions located between 

the 6th and 7th carbons as well as between the 9th and 10th carbons.  This 6, 9 series of 



26 

 

 

odd-chain dienes were found for carbon length molecules of 25 through 31.  Reported 

already from argentation TLC in B73 silk tissue, all the alkene metabolites found are of 

the cis configuration [10]. 

Other metabolites discovered in the 30 minute extraction were two aldehydes 

(tetracosanal and hexacosanal) and one methyl ketone (heptadecane-2-one).  These 

three metabolites were very low in abundance, but detectable in AMDIS.  Since these 

lipids were derived from powderized silks instead of surface lipids alone, composition 

as well as abundance may differ for hydrocarbons, aldehydes and fatty acid 

constituents.  It has been shown that many aldehydes are displayed along the cuticle 

that we did not see in our powderized silk in GC-MS [6].  
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Table 1   Lipid composition from powderized B73 silks extracted in hexanes: diethyl 

ether (90:10) 

 

a Average value of seven independent analyses ± 1 standard deviation 

 tr, trace, < 10 pmol per g dry silk weight 

Metabolite nmole/g dry weight  a   Metabolite nmole/g dry weight  a   

9-carbon metabolites 26-carbon metabolites
nonanoic acid 7.01 ± 13.33 hexacosane 61.27 ± 5.51
12-carbon metabolites 9-hexacosene 3.63 ± 7.17
dodecanoic acid 2.81 ± 5.73 7-hexacosene tr
14-carbon metabolites x,y-hexacosadiene 1.35 ± 3.56
tetradecane tr hexacosanal tr
tetradecanoic acid 1.95 ± 3.56 27-carbon metabolites
15-carbon metabolites heptacosane 1,435.80 ± 37.25
pentadecane tr 9-heptacosene 63.59 ± 6.98
pentadecanoic acid 0.37 ± 0.97 7-heptacosene 57.85 ± 9.95
16-carbon metabolites 6,9-heptacosadiene 39.03 ± 4.69
hexadecane 2.99 ± 3.78 28-carbon metabolites
hexadecanoic acid 1,152.69 ± 25.48 octacosane 131.49 ± 12.56
9-hexadecenoic acid tr 9-octacosane tr
17-carbon metabolites 7-octacosane 20.20 ± 15.90
heptadecane 2.46 ± 2.38 x,y-octacosadiene tr
heptadecanoic acid 1.75 ± 4.64 29-carbon metabolites
heptadecane-2-one 0.06 ± 0.15 nonacosane 2,443.61 ± 43.30 
18-carbon metabolites 14-nonacosene 108.14 ± 11.25
octadecane 1.52 ± 2.76 9-nonacosene 311 ± 23.29
octadecanoic acid 155.15 ± 107.51 7-nonacosene 566.27 ± 48.32
9,12-octadecadienoic acid 1,484.07 ± 35.25 6,9-nonacosadiene 268.93 ± 10.48
19-carbon metabolites x,y-nonacosadiene 1.53 ± 3.18
nonadecane 0.42 ± 1.10 30-carbon metabolites
21-carbon metabolites triacontane 105.53 ± 12.51
heneicosane tr 9-triacontene tr
22-carbon metabolites 7-triacontene 10.11 ± 8.70
docosane 21.28 ± 27.01 x,y-triacontadiene tr
6-docosene 11.14 ± 29.48 31-carbon metabolites
x,y-docosadiene 1.60 ± 4.24 hentriacontane 751 ± 24.97
23-carbon metabolites 15-hentriacontene 182.73 ± 13.39
tricosane 35.76 ± 9.69 9-hentriacontene 749.34 ± 26.89
9-tricosene tr 7-hentriacontene 347.68 ± 22.57
7-tricosene tr 6,9-hentriacontadiene 107.57 ± 75.52
24-carbon metabolites 32-carbon metabolites
tetracosane 60.84 ± 35.97 doctriacontane 0.54 ± 1.43
7-tetracosane 2.47 ± 4.25 33-carbon metabolites
tetracosanal 7.21 ± 9.18 tritriacontane 53.31 ± 4.90
25-carbon metabolites 15-tritriacontene 54.51 ± 12.78
pentacosane 312.56 ± 41.32 9-tritriacontene 105.78 ± 8.97
9-pentacosene 82.58 ± 11.80 7-tritriacontene 31.83 ± 4.69
7-pentacosene 72.52 ± 9.73
6,9-pentacosadiene 35.73 ± 11.74
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Solvent impacts recovery of metabolites 

In all the solvents tested on powderized silk samples, metabolite recoveries (i.e. 

the array of observed constituents) as well as metabolite abundances (i.e. the amount 

of each observed constituent) were clearly significant in the timed 30 minute extraction 

method.  Hydrocarbon class traits seem to be highly correlated in both silica and non-

silica treated samples among all six solvents tested (Fig. 2).  The fact that all correlation 

coefficients are highly positive among the silica extracted samples (Fig. 2a) indicates 

that solvent choice has only a minimal impact on hydrocarbon class traits behavior in 

respect to one another (p< 0.0001).  Within the samples not subjected to silica 

purification (Fig. 2b), in our timed 30 minute extraction, hydrocarbon class traits still 

seem to be highly correlated. 

Figure 2 

(a) 
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(b) 

 

 

 

 

 

 

The solvent choice significantly impacted total recoveries of partial polar and 

non-polar metabolites (R² = 0.94, p< 0.0001), in the absence of silica (Fig. 3a).  Recovery 

of total hydrocarbons using the hexanes: diethyl ether (90:10) solvent showed slightly 

higher recovery (~5%) than from the most non-polar solvent, hexanes (p< 0.0001).  It 

was interesting to see that polarity also had a significant effect in class trait recoveries.  

Recovery of odd-numbered alkenes increased roughly ~10% in the hexanes: diethyl 

ether (95:5) solvent compared to the hexanes: diethyl ether (90:10) solvent (p< 

Figure 2   Correlation among hydrocarbon class traits 
 
Correlation coefficients are shown among four trait groups 
of SHC constituents.  Coefficients in blue and gray denote 
strong and weak correlations, respectively.  Coefficients are 
based on a 3 x 10 minute extraction time with 6 different 
solvents.  Coefficients are shown for silica treated samples 
(a) and non-silica treated samples (b). 
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0.0001).  While in odd alkanes, hexanes: diethyl ether (90:10) out-performed the 

hexanes: diethyl ether (95:5) solvent (p< 0.0001).  The highest abundance of 

hydrocarbons was recovered using hexanes: diethyl ether (90:10) (p< 0.0001). 

Figure 3 
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Figure 3    Solvent impact on recovery 
 
 (a)  Metabolite class traits are compared among non-silica 
extracted samples with five solvents of differing polarities.  
Extraction shown is before derivatization via transmethylation.   
Error bars shown designate standard error among > 4 replicates 
for a 30 minute extraction time.                                                                                 
(b)  Fatty acid class traits are broken down between unsaturated 
and saturated compositions based on even and odd-chain 
lengths.   Error bars designate standard error among 3 replicates 
for a 30-minute extraction time with derivatized samples.     
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FA recovery drastically increased upon conversion to fatty-acid methyl esters via 

transmethylation prior to GC-MS (Fig. 3b).  Total recovery increased > 5-fold with 21 FA 

constituents being identified.  Solvent choice significantly impacted fatty acid recovery 

across all solvents (p< 0.05).  Recovery of total FA’s using hexanes: diethyl ether (90:10) 

is 20% higher than from extractions using hexanes (p< 0.0001).  Not only did the 

hexanes: diethyl ether (90:10) solvent out-perform hexanes, but it also surpassed 

chloroform and hexanes: chloroform (1:1), the two solvents having the highest 

polarities tested.  The three highest polarity solvents showed an increased abundance 

in fatty acid content compared to the most non-polar solvent (hexanes). 

The solvent used to extract lipids explains most of the variance in silk metabolite 

group and relative composition traits, where p <0.0001 in most cases (Table 2).  The 

JMP fit “Y by X” analyses showed that solvent by trait variance in respect to the 

presence or absence of silica was very significant.  In the silica column, all p-values were 

significant except for two relative composition traits (% even alkenes and % total HCs).  

The samples that were not treated with silica showed slightly lower R² and p-values, 

but most traits were conserved in significance compared to its counterpart (silica) 

treatment.  Even numbered hydrocarbon class traits were the least significant among 

the class traits examined.  This is most likely due to the low abundance of even 

hydrocarbons in our chromatograms as well as the threshold sensitivity (medium) set in 

AMDIS for detection.  Nearly every hydrocarbon class trait was more significant in silica 

subjected samples compared to non-silica samples.  In samples not filtered with silica, 
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sterols and other plant steroid derivatives (stigmastan dienes) are present and co-elute 

with the C31 and C33 alkenes and dienes.  These co-eluting metabolites interfere with 

the deconvolution spectra within AMDIS for accurate detection and quantification.   

 

(Extraction Solvent) by (Trait) ANOVAs 
SL group and relative composition traits  

  With Silica Without Silica 

N=56 R² P-value R² P-value 

Odd Alkanes 0.971 <0.0001* 0.885 <0.0001* 

Even Alkanes 0.829 <0.0001* 0.204 0.2042 

Odd Alkenes 0.970 <0.0001* 0.870 <0.0001* 

Even Alkenes 0.406 0.0222* 0.117 0.5222 

Even HCs 0.794 <0.0001* 0.176 0.2831 

Odd HCs 0.986 <0.0001* 0.928 <0.0001* 

Total HCs 0.982 <0.0001* 0.911 <0.0001* 

Short Alkanes (C<26) 0.953 <0.0001* 0.957 <0.0001* 

Long Alkanes (C≥26) 0.969 <0.0001* 0.947 <0.0001* 

Short Alkenes (C<26) 0.875 <0.0001* 0.614 <0.0001* 

Long Alkenes (C≥26) 0.967 <0.0001* 0.854 <0.0001* 

FAs 0.447 0.0113* 0.962 <0.0001* 

Total SLs 0.976 <0.0001* 0.942 <0.0001* 

% Odd Alkanes 0.848 <0.0001* 0.853 <0.0001* 

% Even Alkanes 0.675 <0.0001* 0.263 0.0939 

% Odd Alkenes 0.920 <0.0001* 0.939 <0.0001* 

% Even Alkenes 0.289 0.1124 0.116 0.5266 

% Even HCs 0.611 .0004* 0.108 0.5644 

% Total HCs 0.225 0.2307 0.965 <0.0001* 
 

Table 2   Solvent impact on silk lipid traits 

* designates significance at the 0.05 level.  
N=56 samples (5 solvents by 2 treatments) > 4 replicates of 
each 
 



34 

 

 

Silica does not permit fatty acid recovery 

After the powderized silk samples had been extracted at various incubation 

times, half of the extracted replicates were subjected to a purification treatment using 

silica.  In this treatment, 2 small scoops of silica were deposited in each clean test tube 

with a pinch of glass wool; this was used as a filter for purifying the solvent extract.  

After vortexing and centrifugation, the extracts were placed into a clean tube for 

concentrating under N2 gas.  This process was repeated twice more to recover as many 

lipids as possible from the silica purification tube.  Samples were then analyzed via GC-

MS. 

 Across all solvents, purification of extracts with silica removed virtually all 

moderate polar compounds (e.g. 9 fatty acid constituents).  Figure 4 presents two 

chromatograms resulting from GC-MS analysis of extractions that either included (top 

panel) or removed silica from the procedure.  Metabolite analyses showed that 85% of 

the variation in total fatty acid recovery, among the six extraction times between the 

five respective solvents, could be attributed to the silica purification step of the 

extraction method (p < 0.0001).  Removal of the silica purification step proved to be 

significant in not only fatty acid recovery, but in recovery for all slightly polar 

metabolites in the silk metabolite array.  Silica also contributed 91% to the overall 

variation seen in total hydrocarbon content among the five solvents used at the 30 

minute extraction incubation time (p < 0.0001). Major differences were seen among 
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particular solvents in total hydrocarbon content.  In chloroform extracted samples, 

hydrocarbon content was 26% higher in sample extracts that weren’t subjected to 

silica, while hexanes: chloroform (1:1) extracted samples had an 8% higher 

hydrocarbon content in extracts subjected to silica (p < 0.0001).  To extract both polar 

and non-polar metabolites from silks, silica purification must be removed from the 

extraction method.        

 

 

 

  

  

Figure 4 
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Among the polar and non-polar lipid fractions in maize silks, the use of silica 

dramatically changed the overall composition as well as percentages in the 

hydrocarbon class traits.  When sample extracts were treated with silica, fatty acids 

were almost undetectable in extracts from all solvents (Fig. 5a).  In contrast, fatty acids 

contributed roughly 21% of total metabolites in samples extracted without the use of 

silica (Fig. 5b).  Among the six solvents, odd- numbered hydrocarbons consisted of 

~94% of the total lipid composition, with the remaining ~6% coming from mostly even 

alkanes and alkenes.  Odd-numbered hydrocarbons in extracts without silica 

contributed a far lesser portion (~75%), with the other ~25% coming from mostly even-

numbered fatty acids as well as some even alkanes.   

 

 

Figure 4    GC-MS chromatograms of metabolites derived from 
extractions performed with or without silica 
 
Half of each solvent extract was subjected to silica treatment.  
Hydrocarbon metabolites are labeled in the silica 
chromatogram while fatty acids are labeled in the 
chromatogram without silica.  Chromatograms are displayed in 
the same time scale of retention time.  Five fatty acid 
constituents are displayed in the chromatogram without silica 
in between the retention times of 10 and 13 minutes.  These 
polar metabolites are:  hexadecanoic acid, (9)-hexadecenoic 
acid, octadecanoic acid, (9,12,15)-octadecatrienoic acid and 
(9,12)-octadecadienoic acid. 
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Figure 5 

         

 

 

 

 

 

Solvent incubation time affects metabolite abundance and recovery 

 Extraction incubation time was tested to see if it had an effect on metabolite 

recovery and abundance.  Two different solvents hexanes: diethyl ether (90:10) and 

hexanes: chloroform (1:1), were subjected to different timed solvent incubations.  To 

Odd 
Alkanes 

59% 

Even 
Alkanes 

6% 

Odd 
Alkenes 

35% 

Even 
Alkenes 
~<0.1% 

Fatty 
Acids 

~<0.1% 

With Silica  

Odd 
Alkanes 

45% 

Even 
Alkanes 

4% 

Odd 
Alkenes 

30% 

Even 
Alkenes 
~<0.1% 

Fatty 
Acids 
21% 

Without Silica (a) 

Figure 5    Lipid compositions derived from extractions performed with or without 
silica 
 
Two treatments were applied to powderized silk tissue after samples were 
extracted with various solvents.  Percentages are based from > 4 replicates of 5 
solvents, taken from the 30 minute extraction time, out of the total abundance.  
Metabolite data is combined across solvent types. 
(a)  The left pie chart shows the relative abundance composition of metabolite 
class traits after samples were subjected to silica treatment.   
(b)  The right pie chart depicts samples that weren’t subjected to silica 
purification. 

(b) 
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tackle this, we used different timed vortexes along with different numbers of 

extractions on powderized B73 silk tissue.  Some samples were subjected to one 

extraction at different vortex incubation times while others were extracted to two and 

three times at various vortex intervals.  Among the samples that were extracted once, 

four different time points were used (1, 2, 5 and 10 minutes).  The other samples were 

subjected to a 10 minute vortex extracted two and three times.  This gave us a range of 

extraction incubation times at 30 minutes, 20 minutes, 10 minutes, 5 minutes, 2 

minutes and 1 minute.   

Extraction incubation time (Table 3), when evaluated across the two solvents, 

explained most of the variance in silk lipid traits.  Among silica treated samples, solvent 

incubation effects on silk lipid traits ranged from explaining 19-89% of the observed 

variance with an average of 65% (not shown).  Although the explanatory effect on non-

silica treated samples was less, solvent incubation time effects on metabolite traits 

averaged 41%, which is still very significant.  Taken together, hydrocarbon and fatty 

acid class trait abundances seem to be highly governed by the length of the incubation 

time, whether or not silica is used. 
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(Solvent incubation time) by (Trait) ANOVAs 

Class and relative 
composition traits 

With Silica Without Silica 

R² P-value R² P-value 

Odd Alkanes 0.623 <0.0001* 0.356 0.0039* 

Even Alkanes 0.765 <0.0001* 0.224 0.0750 

Odd Alkenes 0.852 <0.0001* 0.780 <0.0001* 

Even Alkenes 0.553 <0.0001* 0.186 0.1509 

Even HCs 0.784 <0.0001* 0.245 0.0495* 

Odd HCs 0.781 <0.0001* 0.400 0.0012* 

Total HCs 0.790 <0.0001* 0.397 0.0013* 

Short Alkanes (C<26) 0.892 <0.0001* 0.627 <0.0001* 

Long Alkanes (C≥26) 0.578 <0.0001* 0.373 0.0025* 

Short Alkenes (C<26) 0.754 <0.0001* 0.788 <0.0001* 

Long Alkenes (C≥26) 0.852 <0.0001* 0.767 <0.0001* 

Fatty Acids 0.286 0.0272* 0.208 0.1016 

Total SLs 0.792 <0.0001* 0.252 0.0432* 

% Odd Alkanes 0.761 <0.0001* 0.598 <0.0001* 

% Even Alkanes 0.507 <0.0001* 0.107 0.4822 

% Odd Alkenes 0.679 <0.0001* 0.905 <0.0001* 

% Even Alkenes 0.199 0.1396 0.172 0.1899 

% Even HCs 0.519 <0.0001* 0.152 0.2604 

% Total HCs 0.309 0.0166* 0.405 0.0010* 
 

 

In the heat map displayed (Fig. 6) metabolite abundances were looked at for 63 

constituent metabolites among different extraction times.  For samples with and 

without silica, a 30 minute incubation time (3 extractions at 10 minutes) showed the 

* designates significance at the 0.05 level.  
N=86 samples (2 solvents with 2 treatments by 6 incubation times) >3 replicates of each 
 

Table 3   Incubation time impact on silk lipid class traits 
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highest abundance overall for the majority of the 63 constituent metabolites among 

the six different solvent incubation times tested (p < 0.0001).  Among silica treated 

samples, solvent incubation time for the two solvents tested, accounted for 79% of the 

variance seen in total silk lipid abundance (p < 0.0001).  With samples not subjected to 

silica, 25% of the variance in total abundance was accounted for by solvent incubation 

time (p = 0.0432).  For the samples that weren’t subjected to silica, a gradual decrease 

in the heat map array was seen from a 30 minute extraction to a 1 minute extraction in 

most of the metabolite constituent abundances.   

The analyses demonstrate that the vortex time and the number of extractions 

are significant in relation to metabolite abundances.  It is interesting to note that since 

the metabolites are listed based on their retention time through the GC-MS column, 

the first third of the metabolites in each panel consists of fatty acids and short chain 

hydrocarbons, while the last two thirds is representative of the long chain 

hydrocarbons.  This represents a visual for long vs. short chain hydrocarbons as well as 

the abundances of the 9 fatty acid constituents located within the first third of the 

columns of each panel in Fig. 6.    

After looking at the relative abundances of metabolite constituents, the 

metabolites were then grouped into class traits based on their composition.  

Hydrocarbon and fatty acid metabolite compounds were broken down into saturated 

and unsaturated class traits (Fig. 7).  Within the hydrocarbon composition classes, 
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alkanes and alkenes were separated and compared among even and odd-numbered 

chain lengths.  HC classes were further categorized them as long ≥C26 in length or short 

<C26 in length.  Altogether, 35 diverse class traits were examined from the original 65 

constituent metabolites.  Among the various extraction times, the 30 minute extraction 

procedure resulted in the highest abundance of most all of the metabolite class traits 

examined.   

 

Figure 6 
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Figure 6   Abundance expressions at different solvent incubation times  
 
The heat map displays a side by side visual of relative abundance 
expression across 63 different non-polar and polar constituent 
metabolites.  The metabolites are displayed in each column (x-axis) for 
both the left and right heat panels, while at two different extraction 
treatments (with silica and without silica).  From left to right, 
metabolites are ordered by their retention time through the GC-MS 
column.  The first third of the metabolites in each panel consists of FAs 
and short chin HCs, while the last two thirds is representative of the 
long chain HCs.  The middle panel denotes the total extraction 
incubation time for >3 replicates for each given treatment (y-axis). 
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Figure 7 
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As abundance expression decreased with respect to extraction time, the 

breadth of the array of constituent metabolites also lessened.  The relative composition 

of even alkenes diminished drastically as extraction time went from 30 minutes to 20 

minutes, a loss of 6 metabolites.  This trend also stayed consistent down to a 1 minute 

extraction, a final detection loss of 7 even unsaturated hydrocarbons as compared to 

the 30 minute extraction time.  Not only was there a reduction in the recovery of even 

alkenes, but all odd and even hydrocarbon and fatty acid class traits were affected by 

solvent incubation time, whether or not silica was used (p < 0.0001).  In metabolite 

recovery across the two solvents hexane: diethyl ether (90:10) and hexanes: 

chloroform (1:1), solvent incubation time contributed to 82% of the variance seen 

among silica purified samples (Fig. 8).  This percentage was lessened for samples not 

subjected to silica (57%) but still very significant in respect to recovery (p < 0.0001).   

When comparing a 30 minute solvent incubation extraction to a 1 minute, 

recovery of the total composition was significantly lost.   Recovery loss on average, 

from a 30-minute incubation compared to a 1 minute, for the two solvents, went from 

36 to 23 metabolites in silica samples and 36 to 28 metabolites in non- silica samples (p 

< 0.0001).  Even though fatty acids are recovered in the samples without silica, a 

Figure 7     Abundance expression among surface lipid class traits 
 
These two heat maps display relative abundances in hydrocarbon and 
fatty acid class traits for non-silica treated samples (top panel) and 
silica-treated samples (bottom panel).   For each given treatment and 
extraction time, >3 replicates are shown. 
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detection loss of 6 fatty acid constituents on average was still evident when a 1-minute 

incubation was used as a comparison to a 30-minute incubation.  The recovery of three 

fatty acid constituents was seen in non-silica purified samples whether or not the 

number of extractions or incubation time varied; these were hexadecanoic acid, 9, 12-

octadecenoic acid and octadecanoic acid. 

Figure 8
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Figure 8    Metabolite recovery for different solvent incubation times 
 
Shown in the bar graph are two treatments applied to two sets of 
different solvent extracts (hexanes: diethyl ether (90:10) and hexanes: 
chloroform (1:1)) in respect to various solvent incubation times.   
Three replicates were performed at each incubation time point.  Error 
bars shown depict one standard deviation from the mean among the 6 
total replicates from the two solvents. 
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Surface lipid composition from extracts of whole silks immersed in solvent 

 Since our analyses clearly showed that the  hexanes: diethyl ether (90:10) 

solvent out- performed the other 4 solvents with respect to hydrocarbon and fatty acid 

abundances, we chose to use this solvent for analyzing silk surface lipids extracted from 

whole silks by dipping the fresh tissue into the solvent, rather than extracting lipids 

from dry powderized silks.  Table 4 shows results from three replicates from an 

extraction of whole silks, immersed for 60 seconds in hexanes: diethyl ether (90:10) 

solvent.   Table 4 displays the abundance data of constituent metabolites of a 

moderately concentrated SL extract with GC-MS.  While only surface hydrocarbons are 

present from these extractions, we can see striking differences in the constituent 

metabolite abundances compared to the metabolite arrays recovered from powderized 

silks (Table 1).  Although fatty acids were not seen in the extracts from whole silks, they 

were observed in powderized silks (Fig. 9), which suggests that fatty acids are found 

within the cell and not on the silk surface.  It is important to note that although 

aldehydes were not observed in these specific extracts, they are present in extracts 

that are highly concentrated (data not shown). 
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Table 4   B73 silk surface lipid composition 

Metabolite 
nmole/g dry 

weight ᵃ Metabolite 
nmole/g dry 

weight ᵃ 

21-carbon metabolites   28-carbon metabolites   

heneicosane 45.72 ± 3.03 octacosane 153.28 ± 11.19 

22-carbon metabolites   7-octacosene 26.33 ± 2.18 

docosane 65.86 ± 3.16 9-octacosene 3.96 ± 0.50 

23-carbon metabolites   29-carbon metabolites   

tricosane 632.342 ± 19.06 nonacosane 2413.84 ± 6.80 

7-tricosene 23.24 ± 2.01 7-nonacosene 
1173.32 ± 

14.61 

24-carbon metabolites   9-nonacosene 719.65 ± 17.38 

tetracosane 135.14 ± 11.57 14-nonacosene 258.13 ± 17.52 

6-tetracosene 2.38 ± 0.65 6,9-nonacosadiene 301.61 ± 20.96 

7-tetracosene 0.29 ± 0.05 30-carbon metabolites   

9-tetracosene 3.64 ± 0.51 triacontane 63.30 ± 7.14 

25-carbon metabolites   7-triacontene 7.25 ± 0.99 

pentacosane 688.76 ± 18 9-triacontene 7.79 ± 1.14 

7-pentacosene 221.36 ± 1.14 31-carbon metabolites   

9-pentacosene 346.41 ± 9.02 hentriacontane 648.48 ± 8.08 

6,9-pentacosadiene 55.66 ± 1 7-hentriacontene 318.85 ± 6.71 

26-carbon metabolites   9-hentriacontene 758.13 ± 13.86 

hexacosane 47.94 ± 2.39 15-hentriacontene 185.66 ± 9.30 

7-hexacosene 0.97 ± 0.07 6,9-hentriacontadiene 106.28 ± 5.63 

27-carbon metabolites   33-carbon metabolites   

heptacosane 1358.50 ± 3.88 tritriacontane 20.78 ± 2.09 

7-heptacosene 292.01 ± 9.35 7-tritriacontene 20.45 ± 4.58 

9-heptacosene 429.34 ± 15.48 9-tritriacontene 60.23 ± 0.55 

6,9-heptacosadiene 150.30 ± 4.09 15-tritriacontene 35.20 ± 1.23 
 

 

 a Average value of three independent analyses ± 1 standard deviation 
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The effect of solvent incubation time on surface lipid abundance 

To look at the variation in metabolite arrays and abundances in relation to 

incubation time, five different time points were tested on whole silks immersed in 

solvent:  60 seconds, 90 seconds, 2 minutes, 3 minutes and 5 minutes.  While only 

surface hydrocarbons were detected in a 60 second non-concentrated sample, the 

metabolite composition changed drastically, within the same dissolved concentration, 

in respect to incubation time.  Fatty acids as well as saturated even-chain aldehydes 

became more evident as the incubation time increased (Fig. 9a).  While SHCs comprise 

>90% of the surface lipids, the composition changed drastically as the silks were 

immersed for longer periods of time.  Aldehydes ranging from 20 to 32 carbons were 

evident as well as fatty acids ranging from 16 to 24 carbons.  Not only were free fatty 

acids evident as immersion time increased, but also naturally occurring fatty acid 

methyl ester derivatives.  These ranged from 16 to 24 carbons in length and seemed to 

be most abundant when extracted for 2 minutes compared to a 60 second or 5 minute 

incubation.  For SHCs, abundance increased for most of the metabolites analyzed as 

incubation time increased.  Clearly, in Fig. 9b, all SHC class traits were more abundant 

as the fresh silks soaked for longer periods of time in the solvent.  On average, 87% of 

the abundance variance seen across all 70 metabolites could be attributed to the 

solvent incubation time.  Table 5 shows the effect of incubation time on SL traits upon 

silk emergence.  For all the class traits examined, incubation time greatly contributed to 

the abundance variation that was seen.      
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Figure 9 

(a) 

 

(b) 
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Table 5   Analysis of Variance:  The impact of incubation time on silk relative composition traits 

using hexanes: diethyl ether (90:10) (no silica was used) 

N= 15 (3 replicates x 5 time points) R² P-value 

Odd Alkanes 0.996 <0.0001* 
Even Alkanes 0.994 <0.0001* 
Odd Alkenes 0.998 <0.0001* 
Even Alkenes 0.973 <0.0001* 
Even HCs 0.996 <0.0001* 

Odd HCs 0.999 <0.0001* 
Total HCs 0.949 <0.0001* 

Short Alkanes (C<26) 0.990 <0.0001* 

Long Alkanes (C≥26) 0.995 <0.0001* 

Short Alkenes (C<26) 0.993 <0.0001* 

Long Alkenes (C≥26) 0.999 <0.0001* 
Fatty Acids 0.914 <0.0001* 

Aldehydes 0.858 0.0003* 
Total SLs 0.999 <0.0001* 

% Odd Alkanes 0.993 <0.0001* 

% Even Alkanes 0.971 <0.0001* 

% Odd Alkenes 0.981 <0.0001* 

% Even Alkenes 0.947 <0.0001* 
% Even HCs 0.983 <0.0001* 

% Total HCs 0.849 0.0004* 

Figure 9    SL relative composition varies according to incubation times 
 
The heat maps display the relative abundances across 70 different 
constituent metabolites, including hydrocarbons, fatty acids and 
aldehydes of different chain lengths (A) and class traits for these 
metabolites (B). Lipids were extracted with hexanes: diethyl ether (90:10) 
from 3 replicates for each incubation time.  Colors are based on 
metabolite abundances; blue-low, grey-moderate, red-high.  Fatty acids 
are displayed as (FA) and natural occurring methyl esters are displayed as 
(ME). 
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SUMMARY 

 By not using silica, more of the polar lipids, especially fatty acids, are recovered 

from the lipid fraction.  The hydrocarbon and fatty acid composition changed 

dramatically when silica was not applied to the extracts.  Across all solvents, the fatty 

acid composition, without the presence of silica and without transmethylation 

treatment, constituted ~21% of the lipids from powderized silks. With silica purification, 

the fatty acid composition was less than 1%.  Averaged across 6 replicate samples for 

each of the 5 solvents with and without silica, metabolite analyses showed that 

presence versus absence of silica explained 91% of the overall variation that was seen 

in total hydrocarbon content and explained 85% of the variation seen in total fatty acid 

recovery.  Silica also had a major impact on hydrocarbon content among all solvents; 

hexanes: chloroform (1:1) showed an 8% higher hydrocarbon content in extracts 

subjected to silica than non-silica extracts, while chloroform showed a 26% higher 

abundance of hydrocarbons when extracts weren’t subjected to silica purification than 

extracts filtered by silica.  By removing the silica purification step, the opportunity to 

extract and quantify polar and non-polar metabolites from the silks is achievable. 

 While the use of silica impacted the composition of the metabolite array, the 

solvent choice significantly impacted the recovery of metabolites detected as well as 

the abundance of constituent metabolites.  The hexanes: diethyl ether (90:10) solvent 

showed the highest recovery for hydrocarbons among all solvents.  Class trait 
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recoveries were dependent among the polarity of the solvent choice; the hexanes: 

diethyl ether (90:10) solvent outperformed the hexanes: diethyl ether (95:5) solvent in 

the abundance of odd alkanes, but was shown to be less efficient than the hexanes: 

diethyl ether (95:5) solvent in respect to recovery for odd alkenes.  Upon 

transmethylation of free fatty acids, recovery increased nearly 5-fold; among all the 

solvents tested, 21 FA constituents were detected.  Again, the hexanes: diethyl ether 

(90:10) solvent showed the highest recovery among all solvents in total fatty acids and 

proved to be 20% higher than hexane-extracted samples.  The three polar solvents 

(chloroform, hexanes: chloroform (1:1) and hexanes: diethyl ether (90:10)) extracted 

fatty acids in greater abundance compared to the most non-polar solvent (hexanes).  

The fatty acid analysis clearly showed that the solvent polarity is important with respect 

to abundance and recovery of fatty acid constituents.   

 Both hydrocarbon and fatty acid class trait abundances seemed to be governed 

by the incubation time length whether or not silica was used.  The 30 min incubation 

showed the highest abundance for both constituent metabolites as well as for class 

traits among the other incubation times examined.  This showed that abundance is 

highly correlated with extraction incubation time as well as the number of extractions 

performed.  For silica treated samples, for the two solvents tested, hexanes: diethyl 

ether (90:10) and hexanes: chloroform (1:1), solvent incubation time accounted for 

79% of the variance seen in total silk lipid abundance, while for samples not subjected 

to silica, 25% of the variance seen could be attributed to incubation time.   
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While the abundance of constituent metabolites decreased in respect to 

extraction incubation time, the recovery of metabolite classes also tapered.  While 

even-numbered alkenes drastically diminished as extraction time lessened, all 

hydrocarbon class traits as well as fatty acids were reduced upon a lowered incubation 

time whether or not silica was used.  In metabolite recovery between the solvents, 

hexanes: diethyl ether (90:10) and hexanes: chloroform (1:1), solvent incubation time 

contributed to 82% of the variance in silica-purified samples and 57% in samples not 

subjected to silica.  Overall, significant recovery loss was seen when a 30 min solvent 

incubation time was reduced to a 1 min incubation.  Average detectable constituent 

metabolite recovery loss, from a 30 min extraction to a 1 min extraction, went from 36 

to 23 metabolites in silica samples and 36 to 28 metabolites in non-silica samples.  

For whole silk extractions, incubation time was tested to determine abundance 

differences as well as composition variation when silks were immersed into the 

selected solvent.  Not only was composition shown to vary in respect to an increased 

solvent incubation time, but abundances increased as well.  On average, 87% of the 

variation seen in the constituent SL abundances was due to the incubation time.  Not 

only was recovery of specific constituents greater for aldehydes and fatty acids when 

immersion time increased, but abundance was also significantly greater for all 

constituents analyzed.  Seen by the abundance deviations (Table 1 and Table 4) for HCs 

alone, great variation exists among lipids extracted from whole intact silks compared to 

lipids extracted from powderized silk.   
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While fatty acids were the predominant constituents extracted from 

powderized silks, aldehydes and HCs were the most abundant metabolites extracted 

from dipped whole silks.  These differences were extensively characterized in Chapter 

3. For extracting non-polar and polar metabolites from fresh whole silks, a longer 

incubation time proved to be best to capture aldehydes and fatty acid constituents 

which weren’t detected at a 60 sec solvent immersion.  For powderized silk, hexanes: 

diethyl ether (90:10) proved to be the best solvent in extracting fatty acids and 

hydrocarbons in the greatest abundance.  Along with this solvent choice, a longer 

incubation time and the omission of silica lead to the broadest array of metabolites 

captured as well as abundance. 

 

EXPERIMENTAL METHODS 

Plant material 

Experimental tests were conducted using the maize (Zea mays L.) inbred line B73.  

Developing ear shoots were covered with Lawson #217 shoot bags prior to silk 

emergence.  Daily checking for silk emergence from the husk leaves allowed the silks of 

each of the ears to be collected at 3 days post silk emergence.  

Silks used in the powderized silk experiments were collected from plants grown on the 

Iowa State University Agronomy Farm in 2012.  Whole ears were carried back to the lab 
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on ice in coolers, where silks were cut free at the emergence point and placed into 50 

ml conical tubes.  Silk fresh weights were recorded for each sample.  Samples were 

flash frozen with liquid nitrogen and stored at -80°C.  Before SL extractions were 

performed, the silks were lyophilized, dry-weighed, then ground with six 5/32” stainless 

steel beads for 5 minutes using a Genogrinder2010. 

The B73 silks used in the solvent immersion experiments were planted in the spring of 

2013 in the Plant Pathology greenhouse at Iowa State University (Ames, IA).  Silks were 

harvested as described above, and were then transported to the lab on ice for SL 

extractions. Silks were cut at the emergence point and fresh-weighed prior to 

extraction. 

Extraction Method 

Powderized silks:  Lipid metabolites were extracted with five different solvents:  

hexanes, hexanes: diethyl ether (95:5), hexanes: diethyl ether (90:10), hexanes: 

chloroform (1:1) and chloroform.  Each powderized sample was initially spiked with 5-

10µl of the internal standard, eicosane (1mg/ml) depending on the mass of the sample 

(5 µl of standard for 0.04 to 0.06g of sample and 10 µl of standard for 0.09 to 0.11g of 

sample).  Solvent (2ml) was added to each sample, vortexed for 10 min and centrifuged 

for 5 min at 3,250 rpm.  Extracts were moved to fresh tubes and the extraction of the 

silk sample was repeated up to 3 times, depending on the time length of the extraction 
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(Fig. 1).  Combined extracts for each sample were concentrated under N2 gas and 

subjected to GC-MS analysis.   

For samples that were incubated with silica, silk samples were extracted 1-3 times in 

solvent and the resulting extracts were transferred to a fresh tube containing 2 grams 

of silica (40-140 mesh; JT Baker, http://www.jtbaker.com).  Samples were vortexed for 

2 minutes and centrifuged.  Extracts were removed using glass wool as a filter to 

prevent the transfer of silica.  Combined extracts for each sample were concentrated 

under N2 gas and subjected to GC-MS analysis. 

Whole silks:  Each fresh silk sample was extracted in 8ml of hexanes: diethyl ether 

(90:10) solvent that had been spiked with 5-10 µl of the internal standard, eicosane 

(1mg/ml).  The silks were immersed into the solvent for 60 sec, and then the solvent 

was poured from the beaker into a clean glass tube and capped [10].  Extracts were 

concentrated under N2 gas and analyzed via GC-MS. 

Transmethylation and dimethyl disulfide derivatization 

For fatty acid analysis, transmethylation derivatization was conducted.  Metabolite 

extracts were derivatized via transmethylation by adding 2ml of 1N HCl in methanol 

[48].  Extracts were incubated at 80˚C for 1 hr.  After incubation, 2 ml of 0.9% NaCl and 

0.5 ml of hexanes were added to the extract.  Extracts were vortexed and then 

centrifuged at 3,000 rpm for 5 min to separate the two fractions.  The hexane layer was 

recovered and moved to a separate GC vial.  To the original tube, another 1 ml of 



57 

 

 

hexanes was added to allow for full recovery of the lipid metabolites. To confirm 

carbon-carbon double bond positions for unsaturated metabolites (alkene, diene and 

unsaturated fatty acid), extracts were subjected to dimethyl disulfide derivatization 

[10].  After the organic phase (hexane layer) was recovered 3x with the addition of 

hexanes, dimethyl disulfide adducts were then concentrated and analyzed via GC-MS 

[49,50,51,52,53,54].  

Analytical Instrumentation 

Gas chromatography was performed with an HP-5MS cross-linked (5%) diphenyl (95%) 

dimethyl polysiloxane column (30m in length; 0.25-mm inner diameter) using helium as 

the carrier gas, and an Agilent Technologies series 6890 gas chromatograph, equipped 

with a model 5973 mass detector (Agilent Technologies, 

http://www.home.agilent.com).  After a 1 µl sample injection (splitless), the initial 

temperature (120˚C) of the oven was raised to 260˚C, at a rate of 10˚C/min, and held 

for 1min.  This was followed by an increase to 300˚C, at a ramp of 5˚C/min, and held for 

1 min, then a subsequent ramp to 320˚C by 5˚C/min.   

Lipid Analysis 

 For metabolite confirmation, the mass spectra as well as the retention times and 

retention indices for each compound were used.  The retention indices of these 

metabolites were calculated based on a calibration file of straight chain hydrocarbons 

(C7-C40).  Quantification analysis was performed with AMDIS 
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(http://chemdata.nist.gov/mass-spc/amdis/).  The NIST Mass Spectral library 

(http://webbook.nist.gov/chemistry/) was used for identifying compounds by mass 

spec comparisons. 

Statistical Methods 

All metabolite abundances were quantified according to the initial amount of internal 

standard placed in each extraction tube.  Data was generated from a minimum of 

triplicate biological replicates.  The error bars shown in the bar graphs were calculated 

based on standard error between replicates of a similar solvent condition.  The JMP 

software package from SAS was used for statistical analyses as well as for the 

generation of heat maps, bar and pie charts, correlation tables and fit model analyses.  

All p-value statistics shown are based on a 0.05 significance level, while if significant, an 

asterisk would appear next to it. 
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CHAPTER 3.  DETERMINATION AND QUANTIFICATION OF UNSATURATED 

METABOLITES IN MAIZE SILK:  AN UPDATED PATHWAY MODEL FOR SURFACE LIPID 

BIOSYNTHESIS 
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ABSTRACT 

A unique and diverse array of surface lipids is found on the silks of maize, 

including large quantities of non-isoprenoid hydrocarbons (alkanes, alkenes and 

dienes).  In the maize inbred B73, we have identified both even- and odd-numbered 

hydrocarbons ranging in chain lengths from 14 to 37 carbons. The remaining 
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metabolites (fatty acids, aldehydes and ketones) are proposed to be the precursors in 

the biosynthesis of these hydrocarbons, and to date, the genetic elements and 

biochemical mechanisms for their synthesis remain unclear.  Through GC-MS analysis of 

dimethyl disulfide adducts derived from lipid extracts from  dry, powderized or fresh, 

whole silk samples, a homologous series of odd and even-chain length alkenes with 

double bonds at the 7th and 9th positions and monoenoic fatty acids (ω-7 and ω-9) have 

been identified.  These findings suggest a pathway that involves sequential 

desaturation of the fatty acid, followed by elongation then decarbonylation via a fatty 

aldehyde intermediate to produce the respective alkenes.  Also detected by mass-

spectral identification was a homologous series of odd-chain dienes that ranged from 

23 to 33 carbons in length.  This series of dienes, with double bond positions situated at 

the 6th and 9th positions, are thought to be derived from the elongation of linoleic acid.  

Also found by mass-spectral fragmentation was the presence of odd and even-chain 

length saturated fatty aldehydes that range from 9 to 34 carbons in length.  Based on 

these results, we propose that even-numbered alkanes and alkenes are derived from 

odd-chain saturated fatty acids and aldehydes.  Finally, extractions have been 

performed and metabolites have been quantified that compare the composition 

differences between fresh dipped and dry powderized silk, which represent surface 

lipids and total silk lipids, respectively. 
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INTRODUCTION 

The stigmatic silks in Zea mays L. (maize) are the conduits for fertilization and 

are therefore important for reproductive success (i.e. yield).  The surface lipids (SLs) 

that coat these silks consist of a wide array of hydrocarbons (HCs), aldehydes and fatty 

acids (FAs) with minor amounts of ketones and alcohols in select genotypes [1,2,3].  

While maize leaves tend to have high abundances in fatty alcohols, esters and 

aldehydes [4,5], maize silks consist mainly of linear HCs (alkanes, alkenes and dienes).  

For example, hydrocarbons comprise >90% of the surface lipids on maize silks and 

make up ~2% of silk dry weight, making silks the most abundant source of 

hydrocarbons in the plant.  These SLs protect against abiotic stresses, including 

desiccation [6,7] and UV radiation [8], and biotic stresses, such as pathogen invasion [9] 

and insect feeding (moths, insects and beetles) [1,10,11], especially during the critical 

time for pollen reception, which exists for only a few short days [12].   

Hydrocarbons are presumed to be synthesized from fatty acids, however the 

metabolic reactions and the enzymes involved in hydrocarbon biosynthesis are largely 

undefined.   Over many decades, four mechanisms of synthesis have been proposed, 

each of which initiates from fatty acid precursors [13,14,15,16,17]: 1) head-to-head 

condensation of two fatty acids, 2) decarboxylation of a fatty acid, 3) reduction of a 

fatty acid to an aldehyde, followed by decarbonylation, and 4) sequential reduction of 

the fatty acid to an aldehyde and alcohol, followed by dehydration and reduction.  
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Head-to-head condensation has been shown to occur in the bacterium Shewanella 

oneidensis [18,19] and in the bacterium Micrococcus luteus, where it catalyzes the 

production of ketones and alkenes [20].   Evidence has shown that alkanes and alkenes 

in the house fly [21] are biosynthesized from a decarboxylation mechanism from a FA 

precursor.  Evidence for a reduction-decarbonylation mechanism exists in several 

organisms [22,23,24,25] and recently has been more extensively characterized in the 

plant, Arabidopsis [21].   

An elegant analysis of surface lipid metabolites on maize silks suggests that 

alkanes and alkenes are biosynthesized by three potential decarbonylation-based 

pathways.  One of these, is an elongation-isomerization-decarbonylation pathway, 

while the other two consist of parallel pathways of either desaturation-elongation or 

elongation-desaturation of the FA followed by sequential reduction and 

decarbonylation [2].   

Although far less abundant than HCs of odd-numbered chain lengths, a very 

complex array of hydrocarbons (Chapter 2) of even-numbered chain lengths (alkanes, 

alkenes and dienes) and odd-chained aldehydes and saturated and unsaturated fatty 

acids (Chapter 3) have been identified. This broad array of metabolites suggests a 

metabolic network for HC production that is more complex than originally predicted 

[2].  While these latter metabolites, which include even-chain HCs and odd-chain FAs, 
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are not new in select maize silk genotypes [1], they have not been shown to exist in B73 

[2].   

In this article, the surface lipids of the silk cuticle as well as the lipids from 

powderized silk were extracted and analyzed to provide insight and depth into plant HC 

biosynthesis, which remains largely undiscovered.  Herein, unsaturated fatty acids, 

aldehydes and hydrocarbons were extracted, separated into different fractions and 

then assessed for positions of double bonds.  While studies have indicated that alkenes 

could be biosynthesized by a pathway that involves the elongation of saturated FAs, 

which are desaturated followed by reduction to corresponding aldehydes and then 

decarbonylated to produce alkenes [2], data presented in this Chapter suggest that FAs 

first undergo desaturation followed by elongation, and then reduction to an aldehyde 

intermediate, which is decarbonylated to generate the defined alkenes.  Likewise, for 

alkanes and alkenes of even-numbered chain lengths, we hypothesize that these 

hydrocarbons are likely derived from odd numbered fatty acids via a reduction-

decarbonylation mechanism.     

 

RESULTS & DISCUSSION 

Surface lipid analyses 
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Silks from the maize inbred, B73 were harvested three days after silks first 

emerged.  To extract the metabolites that accumulate on the silk surface, fresh silks 

were immediately immersed in the solvent, hexanes: diethyl ether (9:1), according to 

the protocol established in Chapter 2. This method ensures that only surface 

metabolites (and not intracellular metabolites) will be extracted, as compared to 

extracts prepared from powderized silks. The extracts were analyzed via GC-MS and the 

resulting total ion chromatograms revealed a range of fatty acid, aldehyde and 

hydrocarbon constituents (Fig. 10, Table 6).  To confirm the identification of these 

constituents, deconvoluted mass spectra were analyzed using AMDIS and these spectra 

were also compared to co-elution commercial standards that consisted of alkanes 

ranging from 7 to 40 carbons. Surface hydrocarbon metabolites ranged from 14 to 37 

carbons in length and as observed in previous reports [1,3], predominantly included 

odd–numbered alkanes and alkenes, which eluted very close to alkanes of the same 

chain lengths (Fig. 10b).  In addition, even-numbered hydrocarbons (alkanes, alkenes 

and dienes) were also identified, albeit at lower levels than odd-numbered 

hydrocarbons (Fig. 10b).  

In addition to hydrocarbons, a total of 24 aldehyde constituents ranging from 9- 

to 34-carbons (C9-C34) in length were identified; these included all odd- and even-

chain lengths excluding C31 and C33.  This suite of aldehydes was only identified in a 

very concentrated sample derived from an extract of 1.5 grams of fresh silk and then 

concentrated to 30 µL, under N2 gas.  However, many of the even-numbered saturated 
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aldehydes with chain lengths ranging from 20 to 28 carbons were observed in a more 

dilute sample (500 µl), and thus are more prevalent on the silk surface.  

Figure 10 

 

 

 

 

(A) 
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To identify fatty acids that may be present in the surface lipid extracts, extracts 

were derivatized via transmethylation to convert fatty acids to fatty acid methyl esters 

(B) 

Figure 10   Gas chromatograph of the surface lipid fraction of B73 emerged silks 
 
Shown in the figure is the total ion chromatogram of the surface lipid portion of 3-
day post emergent silks (a), and the expanded view of a portion of the 
chromatograph in (a) between the retention times of 16.6 and 18.6 minutes (b).  
For the expanded chromatograph (b), metabolites are labeled.  Compounds were 
verified by comparing with the NIST metabolite library and co-elution with 
authentic commercial standards (not shown).   
(A),(B),(C),(D),(E),(F),(G),(H),(I),(J) and (K) represent alkenes and dienes associated 
with C23, C24, C25, C26, C27, C28, C29, C30, C31, C33 and C35, respectively.  Letters 
listed next to metabolite names distinguish aldehydes from hydrocarbons (A, 
aldehydes and H, hydrocarbons).   
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and then analyzed via GC-MS (Table 6).  In addition to hydrocarbons, fatty acids and 

aldehydes were also observed in these derivatized extracts (Table 6). The arrays of 

these constituents suggest that the even-numbered hydrocarbons are synthesized via a 

reduction-decarbonylation pathway.  For example, homologous series’ of odd-

numbered fatty acids and odd-numbered aldehydes, ranging from 9 to 31 carbons in 

length, were identified in these extracts and both metabolite classes are predicted to 

be intermediates in a decarbonylation-based pathway that produces even-numbered 

fatty acids.  Likewise, odd-numbered HCs would be biosynthesized by even-chain FA 

and aldehyde precursors via reduction-decarbonylation. Moreover, the corresponding 

N-1 HCs, which refers to the loss of the carbonyl group from the FA after 

decarbonylation, were also present in these extracts.  Together, these data suggest that 

even-numbered alkanes are derived from odd-numbered FA precursors, which after FA 

elongation, get reduced to corresponding aldehydes then decarbonylated to generate 

the even-numbered alkanes identified on the silk surface. 
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Table 6    Surface lipid composition of B73 maize silks determined from 

transmethylated extracts  

 

Metabolite nmole/g dry weight ᵃ Metabolite nmole/g dry weight ᵃ
13-carbon metabolites 26-carbon metabolites
tridecanoic acid 0.04 ± 0.08 hexacosane 120.64 ± 9.63
14-carbon metabolites 7-hexacosene 2.92 ± 0.85
tetradecanoic acid 4.68 ± 0.29 9-hexacosene 4.34 ± 3.76
15-carbon metabolites hexacosanoic acid 6.11 ± 0.77
pentadecanoic acid 2.20 ± 0.59 27-carbon metabolites
16-carbon metabolites heptacosane 3,186.40 ± 23.79
hexadecanoic acid 209 ± 7.39 7-heptacosene 802.08 ± 18.39
9-hexadecenoic acid 2.63 ± 0.05 9-heptacosene 1,130.76 ± 14.50
17-carbon metabolites 6,9-heptacosadiene 299.60 ± 14.91
heptadecanoic acid 4.93 ± 0.48 28-carbon metabolites
18-carbon metabolites octacosane 384.51 ± 7.77
octadecanoic acid 375.21 ± 22.73 7-octacosene 66.23 ± 0.76
9-octadecenoic acid 7.73 ± 0.55 9-octacosene 21.53 ± 2.75
11-octadecenoic acid 4.67 ± 0.70 octacosanoic acid 1.94 ± 1.84
19-carbon metabolites 29-carbon metabolites
nonadecane 5.36 ± 0.51 nonacosane 4,958.77 ± 22.82
nonadecanoic acid 1.60 ± 0.18 7-nonacosene 3,027.30 ± 5.49
20-carbon metabolites 9-nonacosene 2,875.32 ± 20.02
eicosanoic acid 4.74 ± 0.72 14-nonacosene 806.90 ± 16.52
21-carbon metabolites 6,9-nonacosadiene 621.98 ± 4
heneicosane 176.08 ± 13.52 (a,b)-nonacosadiene 46.26 ± 5.35
heneicosanoic acid 0.06 ± 0.10 (c,d)-nonacosadiene 114.98 ± 12.99
22-carbon metabolites (e,f)-nonacosadiene 12.24 ± 3.01
docosane 178.17 ± 8.36 30-carbon metabolites
6-docosene 0.65 ± 0.12 triacontane 186.84 ± 8.62
docosanal 5.87 ± 0.64 7-triacontene 22.31 ± 1.05
docosanoic acid 27.59 ± 5.73 9-triacontene 33.59 ± 2.80
23-carbon metabolites 31-carbon metabolites
tricosane 1,563.94 ± 34.52 hentriacontane 1,805.04 ± 11.16
7-tricosene 71.04 ± 7.54 7-hentriacontene 1,049.30 ± 16.91
9-tricosene 42.60 ± 3.41 9-hentriacontene 2,327.47 ± 23.11
6,9-tricosadiene 2.64 ± 2.32 15-hentriacontene 713.07 ± 12.55
tricosanoic acid 1.13 ± 0.15 (a,b)-hentriacontadiene 196.89 ± 10.31
24-carbon metabolites (c,d)-hentriacontadiene 175.34 ± 3.89
tetracosane 329.50 ± 13.12 (e,f)-hentriacontadiene 106.80 ± 13.69
6-tetracosene 3.42 ± 0.62 32-carbon metabolites
7-tetracosene 3.63 ± 0.36 doctriacontane 10.89 ± 1.04
9-tetracosene 2.56 ± 4.43 9-doctriacontene 4.86 ± 0.35
tetracosanal 3.19 ± 0.50 33-carbon metabolites
tetracosanoic acid 28.17 ± 1.57 tritriacontane 147.40 ± 2.89
25-carbon metabolites 7-tritriacontene 139.57 ± 3.34
pentacosane 1,617.76 ± 15.46 9-tritriacontene 366.92 ± 5.38
7-pentacosene 565.99 ± 17.07 15-tritriacontene 188.42 ± 6.24
9-pentacosene 973.60 ± 19.05 35-carbon metabolites
6,9-pentacosadiene 135.90 ± 4.42 pentatriacontane 11.84 ± 1.72
pentacosanoic acid 0.44 ± 0.14 7-pentatriacontene 12.67 ± 2.44

9-pentatracontene 24.89 ± 2.30
15-pentatriacontene 23.94 ± 4.70

ᵃ Average value of three biological replicates ± 1 standard deviation 
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Dimethyl disulfide confirmation of double bond positions in unsaturated alkyl chains 

To identify the carbon-carbon double bond positions in unsaturated metabolites 

(Table 6), extracts were incubated with dimethyl disulfide (DMDS) [26], which reacts at 

the double bond and introduces methyl sulfide adducts.  Resulting DMDS-surface lipid 

adducts were analyzed using electron ionization mass spectrometry, which induces 

cleavage of the carbon-carbon bond between the adjacent carbons carrying the methyl 

sulfide (CH3S) group.    This ionization generated fingerprint mass ions (A)+ and (B)+ for 

which double bond positions could be determined.   

For alkenes of even and odd-numbered chain lengths, unsaturated positions at 

the 7th and 9th carbons were predominant. For chain lengths of 23 to 28 carbons, 2 

alkene peaks prevailed at each chain length; the first peak, closest to the alkane, was 

the 7, while the 2nd peak which eluted first, consisted of many alkenes.  While 9 

alkenes were the most prominent hydrocarbon represented in this 2nd peak, the peak 

also contained a complex array of other alkenes that eluted in the same position in GC-

MS.  For example, the analysis of the 23-carbon alkene (Fig. 11a) showed fragmentation 

ions with mass/charge (m/z) values of (A)+ 145 and (B)+ 271, indicating the presence of a 

double bond between the 7th and 8th carbons (i.e. a 7-C23 alkene).  For the second 23-

carbon alkene (Fig. 11b), daughter ions with m/z values of (A)+ 173 and (B)+ 243 

correspond to a double bond between the 9th and 10th carbons (i.e. a 9-C23 alkene).  

While these were the two most commonly seen double bond positions, comprising 
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>50% of the abundance for any given carbon chain length, alkenes with other, unique 

double bond positions were also present in lesser amounts (Table 7).  These consisted 

of unsaturated positions at the 1st, 4th and 5th carbons to half the length of the 

molecule. 

GC-MS analysis of DMDS adducts also confirmed the presence of numerous 

dienes, including a 23-carbon diene with double bonds at the 6th and 9th carbons (Fig. 

11c).  Fragmentation of the cyclic DMDS adduct resulted in fragmentation ions with m/z 

values of 131 (A+; corresponding to the 6th carbon), and 243 (D+; corresponding to the 

9th carbon).   Since the double bonds are within 4 carbons apart, a thietane ring is 

formed based on the distance of the double bonds.  Other characteristic ions were C+ 

(M+ - A+), B+ (M+ - D+), the molecular ion (M+) and (M+ - 47) and (M+ - 95).   Loss of the 

methylthio group from the larger fragment (D+) resulted in the mass ion 155 (B+ - 48), 

whereas the loss of the methylthio group from the smaller fragment (A+) resulted in 

267 (C+ - 48).  These fragmentations are all shown in Fig. 11c.   

While the largest set of dienes had double bond positions at the 6th and 9th 

carbons for alkenes of odd-numbered chain lengths from 23 to 33, many other dienes, 

which formed non-cyclic adducts were also found.  For (7,19)-heptacosadiene (Fig. 

11d), we saw in the mass spec (A+) 145, (B)+ 419, (C)+ 405, (D+) 159, (B+ - 48) 371, (B+ - 

94) 325, (C+ - 48) 357, (C+ - 94) 311, as well as other characteristic mass ions (M+) 564, 

(M+ - 94) 470, and (M+ - 141) 423.  These daughter ions are all displayed (Fig. 11d) 
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where the resulting fragmentation breaks were at.  Since the mass ion 145 is a 

characteristic fragment of a double bond situated 7 carbons from the end of the 

molecule, we can conclude that one of our double bonds is situated on the 7th carbon.  

Concurrently, we can also conclude that since we have a non-cyclic adduct molecular 

weight for this diene, the 159 daughter ion belongs to an unsaturated position 

occurring 8 carbons from the other end of the molecule.  These two fragments show 

that there are double bonds situated at the 7th and 19th positions on the 27 carbon 

chain length compound.  The 159 fragment is further confirmed by the mass ions (C+ - 

48) and (C+ - 94), which prove that (C+) was 405.   

Many other dienes, which formed non-cyclic adducts from mass spec analysis, 

were also identified in low abundance for carbon chain lengths of 25, 27, 29 and 31.  

While many 29-carbon dienes were detected by DMDS, three compounds had 

significantly higher abundances than the rest, which may perhaps be the three C29 

diene metabolites that we were unable to distinguish in Table 6.  These three separate 

dienes had carbon-carbon double bonds situated at the 7th and 19th, 10th and 16th, and 

8th and 16th positions.  Other C29 dienes that were detectable in lesser amounts had 

double bonds positioned at the 9th and 16th carbons, 9th and 15th, 8th and 21st, 8th and 

14th, 7th and 17th and 7th and 15th carbons.  For C25, three non-cyclic dienes were 

identified; they were found to contain double bonds at the 7th and 15th carbons, 7th and 

16th, as well as one other at the 7th and 17th positions.   For C27, four dienes were 

identified which had double bonds at the 7th and 17th carbons, 7th and 18th, 7th and 19th 
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as well as one other at the 9th and 17th carbons.  For C31, four were detected as well, 

which consisted of carbon-carbon double bonds at the 7th and 19th carbons, 9th and 

17th, 9th and 19th, as well as one last one at the 10th and 18th positions.  Three of these 

C31 dienes, while unsure of which, could represent the three dienes unidentified in 

Table 6.  While they were detectable in very concentrated extracts, the dienes 

mentioned above, had relatively low abundances compared to the abundant 6,9-diene 

series.  It has been already reported for alkenes in B73 silk that the double bonds exist 

in the cis configuration, as confirmed by co-migration of the alkenes with cis-alkene 

standards via argentation TLC [2].  

Figure 11 
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Figure 11    Determination of unsaturated metabolites with mass-spectral 
detection 
 
(a-d)  After lipids were extracted, extracts were then treated with dimethyl 
disulfide, to look at the resulting mass spectral adducts by GC-MS analysis.  For 
7-tricosene (a), fragmentation generated daughter ions of 145 [C8H17S] and 271 
[C17H35S], which places the double bond between the 7th and 8th positions.  For 
9-tricosene (b), resulting adducts yielded two mass ions of 173 [C10H21S] and 
243 [C15H31S], placing the double bond between the 9th and 10th carbons.  For 
the di-unsaturated compound, (6,9)- tricosadiene (c), daughter ions of 131 
[C7H15S], 315 [C18H35S2], 203 [C10H19S2] and 243 [C15H31S] were prominent.  
Other important ions for confirming the cyclic adduct at the 6th and 9th 
positions were the molecular ion (M+), (M+  - 47) and the (M+ - 95) fragments.  
For 7,19-heptacosadiene (d) mass ions of 145 [C8H17S] and 159 [C9H19S] were 
prominent, indicating double bond positions at the 7th and 19th carbons.  
Dashed lines in the figures represent fragmentation breaks that result in the 
daughter mass ions shown. (M)+ is an abbreviation for the molecular ion which 
is equivalent to the molecular weight of a molecule. 
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Composition comparisons between fresh, whole and dry, powderized silks 

Since powderized silks contain a complex and broad array of unsaturated FAs 

(Table 8), we conducted experiments to see if the most abundant alkenes identified in 

powderized silks, were compositionally proportional to the alkenes extracted from 

whole silks.  To propose our pathways for hydrocarbon biosynthesis, we would need to 

look at the unsaturated FA data profiled from powderized silk.  We extracted lipids 

from intact vs. powderized silk tissue in hexanes: diethyl ether (9:1).  Only 

hydrocarbons common between the two tissues were examined (Fig. 12).  For the lipids 

extracted from both methods, the saturated and unsaturated HCs stayed consistent in 

terms of double bond position as well as in chain length, however relative abundances 

of these metabolites varied between the two methods (Fig. 12).  The silk samples that 

were extracted from each method, for example, alkenes as well as alkanes ranging from 

21 to 26 carbons were more abundant in extracts from the fresh dipped silks.  For 

alkanes and alkenes ranging in chain length from 27 to 33 carbons, abundance variation 

was not as dynamic between the two extraction methods, even though fresh dipped 

silks did have a higher abundance in alkenes for C27 and C29.   

According to the results shown in Fig. 12, some hydrocarbon metabolites are 

more prevalent on the cuticle alone compared to those extracted from powderized silk.  

Since the same even-chain and odd-chain HCs in powderized silks were also detected in 

whole silks, the HCs seem to be part of the silk cuticle alone.  The abundances of nearly 
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every constituent extracted from whole silks, on a per gram dry weight basis, were 

higher than those for hydrocarbon metabolites derived from powderized silk.  Dry 

weights were estimated from fresh silks, as described in the Methods.  

 

Figure 12     Hydrocarbon composition comparison between extracts from dry, 

powderized silks vs. fresh silks immersed in solvent  
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Due to the complex array of HCs detected, a table was made to determine the 

relative abundance of each particular alkene that was detected by looking at their 

DMDS adducts.  Chemstation was used to integrate the entire peak area under the 

curve as well as to analyze the average mass spectra for that retention time the peak 

encompassed.  Through this process, double bond positions for all alkenes were 

identified in extracts derived from powderized silks and alkenes identified in extracts 

derived from immersed silks (Table 7).  For odd-chain lengths ranging from 31 to 37 

carbons, a third hydrocarbon peak was evident, which mainly consisted of strictly a 

carbon-carbon double bond situated at the 15th position.  For C29, a third peak was 

identified as well, but it was mostly made up of two distinct alkenes, which consisted of 

double bonds situated at the 12th and 14th carbons, respectively. 

  The alkene composition from powderized silks differed slightly, but mostly in 

the percentages of the most dominant 7 and 9 alkenes per carbon chain length 

(Table 7).  Interesting differences between the two extraction methods were observed 

for the C21 and C22 alkenes. For C21, a 6 alkene was detected when the silks were 

Fig. 12   Hydrocarbons extracted from the silk surface or powderized silks 
 
 Hydrocarbons that accumulate on emerged silk tissue (N=three biological 
replicates) were extracted either from fresh silks that were immersed in solvent 
(i.e. surface hydrocarbons) or from lyophilized and powderized silks (i.e. surface + 
internal hydrocarbons). While relative abundances differ between the two 
extraction methods, mostly the same metabolites are identified in both types of 
extracts.  Error bars shown depict one standard deviation from the mean among 3 
biological replicates. 
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immersed in the solvent, but not seen from powderized silk.  For C22, no alkenes were 

detected from powderized silks, whereas three C21 alkenes (6, 7 and 8 alkenes) 

were observed in extracts from fresh, immersed silks.  Two other striking differences 

were the large abundances of 6 alkenes at carbon chain lengths of 24 and 26 in 

extracts from powderized silks.  From the immersed silk analyses, these two alkenes 

contributed very little to the overall alkene composition at those carbon chain lengths.  

This perhaps suggests that some specific alkenes are actually intracellular and are not 

extractible from the silk surface.   One other significant drop in abundance was with the 

10 alkene at C32; while it represented nearly 19% of the alkene fraction at that chain 

length in the dip analysis, for extracts from powderized silks, it represented only 8% of 

the alkene composition at that chain length.    

Overall, the alkene compositions for the emerged B73 silk tissue amongst the 

two different lipid extraction methods stayed consistent with double bonds defined at 

the 7th and 9th positions representing most of alkene total composition.  Overall, a 

broader and more abundant array of HCs (alkanes, alkenes and dienes) are displayed in 

the extracted SLs than if silks were extracted from powderized silk, which contains 

intracellular components. 
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Table 7   Alkene comparisons of fresh, whole to dry, powderized silks  

 

 

Whole Whole 
C10∆1 1.8% C30∆13 C35∆16 1.3%
C11∆1 27.0% C30∆14 C35∆17 7.7%
C12∆1 12.9% C30∆15 C37∆7 9.2%
C13∆1 39.7% C31∆1 C37∆9 51.3%
C14∆1 11.6% C31∆5 C37∆10 2.6%
C15∆1 4.8% C31∆6 C37∆11 5.1%
C16∆1 1.0% C31∆7 C37∆13 8.0%
C17∆1 1.3% C31∆8 C37∆15 19.2%
C18∆1 1.4% C31∆9 C37∆17 4.6%
C19∆1 2.8% C31∆10
C20∆1 1.0% C31∆11
C21∆1 35.8% C31∆12

C21∆6 5.0% C31∆13
C22∆1 38.7% C31∆14
C22∆6 9.1% C31∆15
C22∆7 1.9% C32∆7

C22∆8 3.2% C32∆8

C23∆1 1.2% C32∆9

C23∆4 2.6% C32∆10

C23∆5 56.9% C32∆11

C23∆6 6.4% C32∆12

C23∆7 21.8% C32∆13

C23∆8 4.5% C32∆14

C23∆9 2.3% C32∆15

C23∆10 1.7% C32∆16

C23∆11 2.6% C33∆1

C24∆4 1.1% C33∆7
C24∆5 0.4% C33∆8
C24∆6 0.6% C33∆9
C24∆7 0.3% C33∆10
C24∆8 43.1% C33∆11
C24∆9 1.3% C33∆12
C24∆10 37.1% C33∆13
C24∆11 3.2% C33∆14
C24∆12 1.2% C33∆15
C25∆1 5.5% C33∆16
C25∆4 2.0% C35∆7

C25∆5 5.5% C35∆8

C25∆6 0.8% C35∆9

C25∆7 24.6% C35∆10

C25∆8 8.3% C35∆11

C25∆9 45.1% C35∆12

C25∆10 7.7% C35∆13

C25∆11 2.1% C35∆14

C25∆12 1.6% C35∆15

ND

ND

0.0%

18.5%

33.8%

ND

1.8%

ND

10.9%

ND

27.4%

0.5%

30.6%

5.4%

7.4%

0.2%

8.3%

0.8%

3.9%

1.3%

16.7%

10.7%

19.9%

0.0%

17.4%

1.0%

40.2%

3.9%

4.1%

5.6%

5.8%

0.5%

1.6%

4.5%

1.1%

1.5%

11.2%

8.4%

11.2%

ND

Whole 

20.0%

7.3%

35.2%

18.7%

0.9%

37.7%

3.5%

5.3%

5.8%

5.3%

ND

ND

5.9%

4.6%

ND

20.4%

12.0%

6.5%

59.9%

7.7%

3.3%

ND

1.6%

1.3%

4.1%

ND

27.1%

8.8%

48.5%

7.0%

1.6%

31.4%

3.6%

0.8%

4.8%

1.3%

C30∆8

C30∆9

C30∆10

C30∆11

C30∆12

0.6%

ND

0.4%

0.3%

51.7%

C29∆11

C29∆12

C29∆13

C29∆14

C30∆6

C30∆7

C29∆5

C29∆6

C29∆7

C29∆8

C29∆9

C29∆10

10.2%

4.8%

ND

ND

ND

ND

ND

4.7%

5.8%

10.1%

Powderized

20.8%

1.0%

50.8%

2.7%

1.9%

1.9%

3.3%

3.7%

2.9%

0.0%

0.0%

0.2%

5.1%

7.0%

0.9%

51.5%

3.5%

1.6%

1.7%

2.8%

2.6%

1.5%

ND

0.2%

0.2%

25.5%

1.7%

Powderized

% Specific Alkenes at Each Chain Length

C28∆13

C28∆14

C29∆1

5.4%

50.4%

7.1%

1.2%

1.0%

6.7%

1.3%

1.0%

1.6%

0.0%

1.0%

0.2%

32.3%

ND

0.3%

0.6%

41.2%

4.4%

44.6%

2.0%

1.0%

1.4%

0.9%

ND

2.9%

0.9%

4.0%

69.9%

6.3%

13.9%

0.8%

45.1%

5.0%

33.5%

9.3%

1.6%

8.6%

4.2%

3.6%

1.7%

ND

0.8%

16.0%

37.4%

10.0%

18.4%

C28∆11

C28∆12

C27∆13

C28∆6

C28∆7

C28∆8

C28∆9

C28∆10

C27∆7

C27∆8

C27∆9

C27∆10

C27∆11

C27∆12

C26∆11

C26∆12

C26∆13

C27∆1

C27∆5

C27∆6

C26∆6

C26∆7

C26∆8

C26∆9

C26∆10

Powderized

22.6%

30.9%

7.0%

4.7% 1.3%

0.2%3.2%

2.8%

1.5%

0.4%

0.0%

2.1%

35.5%

0.1%

3.9%

60.4%

3.9%

24.1%

7.0%

94.9%

5.1%

14.2%

61.7%

6.0%

18.1%

3.3%

0.1%

ND

ND

22.3%

30.7%

14.7%

17.4%

6.0%

54.7%

7.5%

22.5%

5.1%

4.2%

ND

ND

ND

ND

ND

100%

100%

100%

100%

100%

100%

ND

ND

ND

100%

100%

100%

100%

100%

100%

100%

100%

100%

100%

100%

100%

100%

100%

100%

100%

Powderized Whole 

100%
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Fatty acid investigation 

While whole silk extracts showed a wide array of saturated FAs (data not 

shown) ranging from 8 to 34 carbons in length, powderized silk showed the best array 

for investigating unsaturated FA precursors.  This could be from the fact that 

homogenized silk (powderized) “releases” internal fatty acids, which may explain the 

large abundance in unsaturated FAs.  In Fig. 13a, a C24:1∆17 FA is shown with a double 

bond position between the 17th and 18th carbons from the carboxyl end.  After 

fragmentation, two prominent mass values of (A)+ 145 and (B)+ 329 were seen, 

corresponding to the omega fragment and the carboxyl fragment, respectively.  Also 

prominent is the mass ion 297, which corresponds to the loss of the methanol from the 

carboxyl fragment.  In Fig.13b, methyl 15-tetracosenoate is displayed with a similar 

mass spec pattern in regards to fragmentation.  In the DMDS adducts, daughter ions of 

(A)+ 173 and (B)+ 301 were generated, coming from the break between the 15th and 16th 

carbons from the carboxyl side.  Again, loss of the methanol group generated a mass 

ion of 269 from the loss to the carboxyl fragment. 

 While the most abundant fatty acid was linoleic in our GC analysis, we did see 

other di-unsaturated fatty acids with double bonds situated at the 6th and 9th carbons 

from the omega end.  For eicosa-11,14-dienoic acid (Fig. 13c), after transmethylation 

and treatment with dimethyl disulfide, we found daughter ions of A+  131 [C7H15S], B+  

317 [C16H29O2S2], D+  245 [C13H25O2S] and  C+  203 [C10H19S2] corresponding to cleavage 
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breaks between the 11th and 12th carbons as well as the 14th and 15th carbons from the 

ester side.  This omega (6,9) fatty acid also generated 2 other prominent mass ions 

from the loss of the methyl thio groups that were (C+ - 48) 155 and (B+ - 48) 269.  

Finding these distinct mass ions for this cyclic thietane ring DMDS adduct confirmed the 

metabolite as eicosa-11,14-dienoic acid. 

 Although no trienes were evident in our GC analyses, we did discover a tri-

unsaturated fatty acid derivative from powderized silk, octadeca-9,12,15-trienoic acid, 

in great abundance (Fig. 13d).  While the mass spectra are difficult to decipher for tri-

unsaturated fatty acid adducts, a cyclic M+ ion was found (450) which indicated a 18-

carbon length compound; this also gave rise to  prominent mass ions of [M+ - 47] 403 

and [M+ - 95] 355.  Other daughter ions seen were [C7H13S2] 161, [C14H25O2S2] 289, 

[C10H17S3] 233, [C11H21O2S] 217 which clearly showed cleavage breaks in the 

fragmentation for this compound between the 9th and 10th carbons as well as the 12th 

and 13th carbons.  Also abundant were the mass ions corresponding to the loss of the 

methyl thio groups from 161 (113 m/z), 289 (241 m/z) and 233 (185 m/z).  These mass 

ions provide further support that the molecule has double bonds situated at the 9th, 

12th and 15th carbons from the ester side.   
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Figure 13 
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(c)  

 

(d) 
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 To examine FAs more thoroughly, powderized silk was chosen to conduct a 

transmethylation experiment on FA precursors, which may be the exact precursors to 

the unsaturated hydrocarbons that were identified.  In Table 8, powderized extracts 

Figure 13   Transmethylation aids in recovery and identification of DMDS adducts 
 
(a-d)  To protect fatty acid groups, sample extracts were first subjected to 
transmethylation.  After derivatization, dimethyl disulfide was added and used to 
look at double bond positions.  For methyl 17-tetracosenoate (a), daughter ions 
included 145 [C8H17S] and 329 [C19H37O2S] which placed the double bond between 
the 7th and 8th carbons on the omega end.  Also, methyl 15-tetracosenoate (b) was 
examined and characterized by the resulting mass-spectral adducts of 173 [C10H21S] 
and 301 [C17H33O2S].   Eicosa-11,14-dienoic acid (c), displayed daughter ions of 131 
A+ [C7H15S], 317 B+ [C16H29O2S2], 245 D+ [C13H25O2S] and 203 C+ [C10H19S2] 
corresponding to cleavage breaks between the 11th and 12th carbons as well as the 
14th and 15th carbons from the ester side.  Also prominent were the mass ions 
corresponding to the loss of the methyl thio groups that were 155 (C+ - 48) and 269 
(B+ - 48), which helped confirm the omega 6,9 fatty acid.  Octadeca-9,12,15-trienoic 
acid, in great abundance (Fig. 4d).  While the mass spectra is difficult to decipher 
with for tri-unsaturated fatty acid adducts, a cyclic M+ ion was found (450) which 
indicated a 18-carbon length compound; this also gave rise to  prominent mass 
ions of 403 [M+ - 47] and 355 [M+ - 95].  Other daughter ions seen were 161 
[C7H13S2], 289 [C14H25O2S2], 233 [C10H17S3], 217 [C11H21O2S] which clearly showed 
cleavage breaks in the fragmentation for this compound in between the 9th and 
10th carbons as well as the 12th and 13th.  Also abundant were the loss of the 
methyl thio groups from 161 (113 m/z), 289 (241 m/z) and 233 (185 m/z).  For the 
tri-unsaturated fatty acid, octadeca-9,12,15-trienoic acid (d), a cyclic M+ ion was 
found (450) which indicated a 18-carbon length compound with other identifying 
mass ions at 403 [M+ - 47] and 355 [M+ - 95].  Other daughter ions seen were 161 
[C7H13S2], 289 [C14H25O2S2], 233 [C10H17S3] and 217 [C11H21O2S] which clearly 
showed double bond positions between the 9th and 10th carbons as well as the 12th 
and 13th.  Also in great abundance were the loss of the methyl thio groups from 
161 (113 m/z), 289 (241 m/z) and 233 (185 m/z) which confirmed the tri-
unsaturated compound. 
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were transmethylated and all FAs were quantified.  For 6 biological replicates (0.5 g of 

powderized tissue), after the lipids had been extracted from powderized silk, extracts 

were subjected to transmethylation.  After transmethylation, the derivatized fatty acids 

were eluted in hexanes (0.3 ml).  From the table, we can see odd-chain FAs as well as 

even-chain FAs that were detected. DMDS reactions were conducted to identify double 

bond positions for the unsaturated fatty acids.  The most predominant unsaturated 

fatty acid identified in extracts from powderized silks were monoenoic fatty acids of 

even and odd chain lengths and double bonds at either the 7th or 9th positions from the 

omega-end of the fatty acids.  We believe the identification of ω-7 and ω-9 unsaturated 

odd- and even-chain FAs proves that the ∆7 and ∆9 alkenes, found within (Table 7), are 

biosynthesized by these FA precursors.  
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Table 8   Fatty acid composition of powderized silks 

 

 

 

Metabolite nmol/g dry weight ᵃ Metabolite nmol/g dry weight ᵃ

12-carbon metabolites 22-carbon metabolites

dodecanoic acid 2.30 ± 0.39 docosanoic acid 197.95 ± 6.22

13-carbon metabolites 13-docosenoic acid 10.67 ± 0.95

tridecanoic acid 0.54 ± 0.09 15-docosenoic acid 12.46 ± 0.86

14-carbon metabolites 13,16-docosadienoic acid 87.31 ± 5.37

tetradecanoic acid 29.37 ± 4.07 23-carbon metabolites

15-carbon metabolites tricosanoic acid 55.85 ± 4.06

pentadecanoic acid 23.54 ± 1.82 16-tricosenoic acid 1.23 ± 0.31

16-carbon metabolites 24-carbon metabolites

hexadecanoic acid 2,658.45 ± 34.90 tetracosanoic acid 321.23 ± 15.16

9-hexadecenoic acid 192.78 ± 4.82 15-tetracosenoic acid 11.13 ± 0.55

7,10-hexadecadienoic acid 36.20 ± 1.41 17-tetracosenoic acid 21.91 ± 1.19

17-carbon metabolites 25-carbon metabolites

heptadecanoic acid 78.69 ± 4.40 pentacosanoic acid 52.48 ± 3.91

a,b-heptadecadienoic acid 4.71 ± 0.84 16-pentacosenoic acid 1.13 ± 0.23

18-carbon metabolites 18-pentacosenoic acid 3.91 ± 0.58

octadecanoic acid 838.63 ± 25.07 26-carbon metabolites

11-octadecenoic acid 911.58 ± 15.69 hexacosanoic acid 71.92 ± 4.25

9-octadecenoic acid 136.52 ± 10.25 17-hexacosenoic acid 8.11 ± 0.30

9,12-octadecadienoic acid 4,748.09 ± 27.87 19-hexacosenoic acid 19.23 ± 1.34

9,12,15-octadecatrienoic acid 1,339.52 ± 24.14 27-carbon metabolites

19-carbon metabolites heptacosanoic acid 8.02 ± 0.77

nonadecanoic acid 3.67 ± 0.35 18-heptacosenoic acid 0.52 ± 0.10

12-nonadecenoic acid 11.72 ± 2.15 20-heptacosenoic acid 2.33 ± 0.44

20-carbon metabolites 28-carbon metabolites

eicosanoic acid 69.96 ± 3.59 octacosanoic acid 8.64 ± 0.55

11-eicosenoic acid 32.89 ± 3.06 19-octacosenoic acid 2.20 ± 0.28

13-eicosenoic acid 25.78 ± 2.20 21-octacosenoic acid 4.24 ± 0.36

11,14-eicosadienoic acid 134.58 ± 2.30 30-carbon metabolites

21-carbon metabolites triacontanoic acid 2.20 ± 0.42

heneicosanoic acid 13.36 ± 1.42 21-triacontenoic acid 0.55 ± 0.11

ᵃ Average value of six independent analyses ± 1 standard deviation 
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Aldehyde examination via transmethylation 

In our dip experiments, we identified many saturated and unsaturated fatty 

aldehydes that formed acetals upon transmethylation derivitization; these consisted of 

saturated chain lengths of 9 to 34 carbons.  While the double bond positions have not 

yet been identified for the unsaturated aldehydes, acetals were formed upon 

transmethylation for carbon chain lengths ranging from 26 to 32 carbons.  We propose 

that, if identified, they would represent the ω-7 and ω-9 aldehydes, which would 

represent the immediate precursor to the alkenes identified.  In Fig. 14, the mass 

spectrum is displayed for octacosanal-dimethylacetal.  While the molecular ion is rarely 

present in these compounds, three other significant mass ions are.  Cleavage between 

the 1st and 2nd carbons on the acetal side generate a significant base peak at 75 

[C3H7O2] which is characteristic for saturated and unsaturated aldehydes subjected to 

transmethylation.  Two other daughter ions are also prevalent, which are 423 [M+ - 31] 

and 390 [M+ - 64].  These 3 mass ions confirm the presence of a methylated 28-carbon 

chain length saturated aldehyde. 
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Figure 14 

 

 

 

 

 

Proposed biosynthetic pathways for production of maize silk hydrocarbons 

From these sets of experiments, we have identified saturated and unsaturated 

sets of fatty acids, aldehydes and hydrocarbons in maize silk extracts.  We propose that 

hydrocarbons are biosynthesized by the elongation of saturated and unsaturated fatty 

acid precursors, which upon reduction to corresponding aldehydes, are then 
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Figure 14    Detection of dimethylacetals by transmethylation 
 
Aldehydes were also protected which transmethylation; this converted the 
compounds to acetal forms upon derivatization.  For octacosanal (e), after 
methylation, fragmentation resulted in a very abundant 75 base peak [C3H7O2] with 
lesser abundant daughter ions at 423 [M+ - 31] and 390 [M+ - 64].  These abundant 
mass ions confirm the acetal form of octacosanal after transmethylation. 
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decarbonylated to generate the alkanes, alkenes and dienes that we have identified.  

This decarbonylation pathway is how we believe hydrocarbons are biosynthesized in 

maize which support previous work [2].  Many of the glossy mutants, which have been 

identified and characterized to be involved in the FA elongase system generating VLCFA 

precursors of SLs [4,27,28,29,30], provides additional evidence to our proposed 

pathways. Consistent with this hypothesis, we have identified the aldehydes and 

alkanes that would be expected based on a precursor-product relationship.  Since many 

alkenes were detected, we cannot rule out another pathway of decarbonylation that 

begins with elongation of saturated FA precursors, which upon desaturation, get 

decarbonylated from a reduced aldehyde intermediate [2].   

The most abundant saturated aldehydes that were detected ranged from 20 to 

34 carbons in chain length with the most abundant alkanes ranging from 19 to 33 

carbons.  From transmethylation, we saw unsaturated even-chain aldehydes that 

ranged from 26 to 34 carbons.  For each even-numbered carbon chain length starting at 

C26, we saw evidence of 2 unsaturated aldehydes up to 34 carbons in chain length.  

While the determination of unsaturated aldehydes is currently in progress, we believe 

that these 2 unsaturated aldehydes per chain length represent the immediate 

precursors to the most abundant alkenes that were detected with double bonds at the 

7th and 9th positions.  Consistent with our findings, previous work in the Nikolau group 

identified omega 9 unsaturated aldehydes (17-hexacosenal and 19-octacosenal) in 

maize silks [2]. These immediate precursors that have been identified already would be 
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the direct precursors upon decarbonylation that would generate our highly abundant 9-

alkene series (Fig. 15).   

Our discovery of odd-numbered fatty acids and odd-chain aldehdyes provide 

support that even-chain hydrocarbons are biosynthesized by a similar type of 

mechanism that involves decarbonylation.  Most all the metabolites proposed in our 

even-hydrocarbon biosynthesis pathway have not been detected yet in maize.  While 

even-chained hydrocarbons are not new in maize silk [1,3], they weren’t initially 

detected in B73 [2].     

Among the dienes that are present in silk surface lipids, the most abundant was 

a series with double bonds at the 6th and 9th positions.  While no di-unsaturated 

aldehydes were detected, our group has identified in past research a di-unsaturated 

aldehyde, 19,22-octacosenal [2], which could represent the immediate precursor in our 

pathway to a 27-carbon diene with double bonds at the 6th and 9th positions.  This 6,9-

diene series was very prevalent in our GC analysis and was seen to range from 23 to 33 

carbons in chain length.  Our fatty acid analysis showed di-unsaturated even-chain fatty 

acids with double bonds situated at the omega 6 and 9 positions for chain lengths 

ranging from 18 to 22 carbons.  These findings give evidence for the elongation of 

linoleic acid to fatty acid precursors up to 34 carbons in length that would generate the 

6,9-diene series that we saw from our GC-MS analyses (Fig. 15), which also is consistent 

with previous work [2]. 
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 As with the odd-numbered hydrocarbons, we believe the even-chain 

hydrocarbons are biosynthesized by a similar type of mechanism that begins with odd-

chain fatty acid precursors which are elongated then reduced to corresponding 

aldehydes before being decarbonylated to the corresponding alkanes and alkenes. 

Even-numbered hydrocarbons could potentially be produced via a dehydration 

mechanism, wherein a FA is reduced to an aldehyde, which is subsequently reduced to 

an alcohol and then dehydrated to the corresponding HC.  However, the detection of 

odd-numbered fatty acids in this study suggests that even-numbered hydrocarbons are 

derived from odd-numbered fatty acids that are reduced to odd-numbered aldehydes 

and subsequently decarbonylated to the hydrocarbon. Just like with the most abundant 

even-chain monoenoic fatty acid precursors that were detected, odd-chain monoenoic 

fatty acids showed the same pattern with double bonds at the omega 7th and 9th 

positions.  These results were very consistent with the alkenes that were detected 

which showed double bonds positioned at the 7th and 9th carbons.  For odd and even-

chained alkanes, a full spectrum of saturated FAs and aldehdyes were present in odd 

and even-chain lengths ranging from 8 to 34 carbons.  This suggests that odd- and 

even-chain alkanes are generated from the elongation of saturated FA precursors 

which are reduced to aldehydes then decarbonylated to the corresponding alkane.   

 Our proposed pathways (Fig. 15 and Fig. 16) were determined by quantifying 

lipids on the silk cuticle as well as from powderized silk, which also contains 

intracellular metabolites.  To see if this tissue could relate to what was seen on the 
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extractible lipids on the cuticle, both tissues were examined for alkene content.  After 

seeing that the delta 7 and 9 alkenes were still the most abundant unsaturated 

hydrocarbons among both extracted tissues (tables 7 and 8), we could then use what 

was seen from the powderized composition to provide further verification and 

evidence for our hypothesized pathway models. 

 Many other alkenes were also detected for both odd and even-chained lengths 

ranging from 21 to 37 carbons.  These alkenes contained double bonds at the 1st, 4th to 

half the length of the molecule (shown in Table 7).  While many precursor monoenoic 

fatty acids were found for these specific positioned alkenes, we are hesitant to 

conclude that all of these alkenes are biosynthesized by the elongation of unsaturated 

fatty acid precursors.  Another decarbonylation pathway could explain the biosynthesis 

of these hydrocarbons by means of a desaturation step occurring after fatty acid 

elongation for which the fatty acid is reduced to a corresponding aldehyde then 

decarbonylated to the specific alkene.  For the monoenoic fatty acids that were evident 

from the DMDS analyses, this secondary pathway doesn’t seem to be the case for how 

most of the alkenes are biosynthesized.     

 Given the positions of the double bonds in the alkenes detected in silks, a 

double bond could be introduced before, during or after elongation has finished.  Since 

not all potential FA precursors were found for defined constituents, there could be 

multiple pathways which involve either desaturation-elongation or elongation-
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desaturation before reduced to the aldehyde.  In this study, alkenes with a double bond 

at the 9th position, as with the silks herein, were the most dominant monoenes that 

were detected.  The most prominent fatty acid in powderized silk tissue that was 

detected was linoleic acid (C18:2D9,12); in plants, this is the most common di-

unsaturated fatty acid.  In literature, it has been found to be the product of the ER-

localized FAD2-desaturase.  This desaturase has been shown to enzymatically 

desaturate phosphatidylcholine-associated oleic acid [31].  We believe from what the 

fatty acid analyses show, that linoleic acid goes through FA elongation to be reduced to 

the corresponding aldehydes that would generate the 6,9-diene series that was 

detected in great abundance. 
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Figure 15    Putative odd-numbered hydrocarbon biosynthetic pathway 
 
Even saturated fatty acids up to 38 carbons in chain length are generated from 
the elongation of hexadecanoic acid (C16:0).  From these saturated fatty acid 
precursors, alkanes can be generated from a decarbonylation reaction through a 
saturated aldehyde intermediate (shown above).  Through another 
decarbonylation pathway, the elongation of unsaturated 16-carbon fatty acids 
with double bonds at the 7th and 9th positions (C16:1∆7 and C16:1∆9) gives rise 
to the series of alkenes with double bonds situated at the 7th and 9th positions 
(shown above).  Also seen by the elongation of linoleic acid, a diene series has 
been seen which has double bonds situated at the 6th and 9th positions.  Seen by 
the figure above, blue boxes indicate fatty acids, while green and yellow boxes 
represent aldehydes and hydrocarbons, respectively. 

Figure 15 



103 

 

 

Figure 16 

 

 

 

 

 

 

 

 

Figure 16   Putative even hydrocarbon biosynthetic pathway 
 
Odd saturated fatty acids up to 37 carbons in chain length are generated from the 
elongation of pentadecanoic acid (C15:0).  From these saturated fatty acid 
precursors, alkanes can be generated from a decarbonylation reaction through a 
saturated aldehyde intermediate (shown above).  Through another 
decarbonylation pathway, the elongation of an unsaturated 15-carbon fatty acid 
with a double bond at the 6th position (C15:1∆6) gives rise to an alkene series 
with a double bond at the 9th position (shown above).  Also present was a series 
of alkenes with a double bond at the 7th position.  From our fatty acid analysis, we 
believe this is initiated from the elongation of a 17-carbon fatty acid (C17:1∆10).  
Blue boxes indicate fatty acids, while green and yellow boxes represent aldehydes 
and hydrocarbons, respectively. 
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Methyl-branched hydrocarbons  

While the surface lipids that coat the silk contain mostly non-isoprenoid HCs, 

some methyl alkanes were identified in extracts from powderized but not from whole 

silks.  Iso-alkanes are not uncommon in maize silk [1,3], but vary among genotypes for 

both relative abundances and positions of the methyl-branches. In the maize inbred 

CO272, highly abundant methyl alkanes with a branched methyl group at the 2nd 

carbon were nearly as abundant as the odd-chain alkanes [3].  These iso-alkanes were 

highly abundant and eluted just before the corresponding alkanes (C27, C29 and C31).   

While they are hard to identify, a combination of retention indices and mass 

spec analyses were used for confirmation.    In Fig. 17a, 5-methyl heptadecane is 

shown; while unusual in most cases, the M+ is present (254).  By analyzing the mass 

spec fragmentation, a large daughter ion (197) is observed from the fragmentation 

between the 4th and 5th carbons [C14H29], indicating a methyl group that is attached to 

the 5th carbon.   This break occurs with the carbon attached to the methyl group and 

the carbon nearest the terminal end (the most unstable side of the fragment).  For 4-

methyl pentadecane, Fig. 17b, the M+ ion is present (226), as well as a large abundant 

ion (183) that depicts a methyl group on the 4th carbon from the end [C13H27].  The same 

holds true for 3-methyl hexadecane, Fig. 17c, which a large daughter ion is seen (211) 

depicting a methyl group on the 3rd carbon from the end [C15H31].     
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Figure 17 
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Small amounts of branched hydrocarbons were identified with chain lengths 

from 16 to 18 carbons (Table 9).  Among the methyl alkanes detected, branched 
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Fig. 17    Mass spectral identification of methyl branched hydrocarbons 
 
(a-c)  Mass spectral analyses of extracted silk lipids show evidence of 
branched chained hydrocarbons.  While the M+ ion is only evident at 
times, we do see an abundant daughter ion at the characteristic 
cleavage site at the branched position.   
For 5-methyl heptadecane (a), we see a mass spectrum similar to that of 
octadecane, but with an abundant daughter ion at 197 [C14H29] which 
places the methyl group on the 5th carbon from the end.  For 4-methyl 
pentadecane (b), we see a similar mass spec to hexadecane with a 
cleavage ion displayed at 183 [C13H27], which puts the methyl branch on 
the 4th carbon from the terminal end.  Lastly, 3-methyl hexadecane (c), 
which shows a similar mass spec to heptadecane, with a branch on 3rd 
carbon from the end, displayed by the abundant ion at 211 [C15H31]. 
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positions were seen at the 2nd, 3rd, 4th, 5th, 6th and 7th carbons for pentadecane and 

hexadecane.  Also detected for heptadecane was a branched group on the 2nd, 4th, 5th 

and 7th carbons.  No unsaturated branched hydrocarbons were detected. 

 

Table 9   Composition of saturated branched hydrocarbons 

Metabolite nmol/g dry weight ᵃ 

16-carbon metabolites   

pentadecane, 2-methyl 4.42 ± 0.55 

pentadecane, 3-methyl 5.11 ± 0.25 

pentadecane, 4-methyl 1.84 ± 0.09 

pentadecane, 5-methyl 2.51 ± 0.20 

pentadecane, 6-methyl 1.70 ± 1.48 

pentadecane, 7-methyl 8.96 ± 0.56 

17-carbon metabolites   

hexadecane, 2-methyl 5.38 ± 0.19 

hexadecane, 3-methyl 5.77 ± 0.74 

hexadecane, 4-methyl 3.53 ± 0.24 

hexadecane, 5-methyl 4.60 ± 0.52 

hexadecane, 6-methyl 3.54 ± 0.35 

hexadecane, 7-methyl 15.79 ± 2.01 

18-carbon metabolites   

heptadecane, 2-methyl 1.32 ± 1.25 

heptadecane, 4-methyl 4.72 ± 0.74 

heptadecane, 5-methyl 0.70 ± 0.61 

heptadecane, 7-methyl 22.76 ± 2.24 

 

 

SUMMARY 

Since gene function and regulation in the plant SL metabolic network is largely 

unknown, additional metabolomic studies are required to decipher the pathway(s) for 
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the synthesis of surface lipids.  In this study, many hydrocarbons as well as fatty acids 

were analyzed and profiled to help decipher and visualize how these metabolites are 

biosynthesized on the surface of silk.  Metabolite analyses on silks has showed a broad 

array of unsaturated fatty acids as well as hydrocarbons, herein, that have not yet been 

reported yet in maize silks.  

From the metabolites identified by GC-MS, we are led to believe that 

hydrocarbons are biosynthesized by the elongation of fatty acid precursors that are 

reduced to corresponding aldehydes that are decarbonylated to generate the specific 

alkanes and alkenes found within which are consistent with previous findings [2].  The 

finding of omega 7 and 9 fatty acid precursors for both odd and even chain fatty acids 

from C16 to C32 indicates that odd and even-chained hydrocarbons are biosynthesized 

by a similar type of mechanism.  Odd-numbered FAs have not been well characterized 

or demonstrated.  While the immediate unsaturated aldehyde precursors were not 

found in this paper, previous research within our lab has found unsaturated aldehyde 

metabolites that would generate some of the specific alkenes and dienes that were 

detected [2].  Concurrently, isoprenoid HCs at defined chain lengths have also been 

identified within this Chapter which gives rise to a complex SL metabolomic network 

with additional reactions for the production of branched HCs. 

The hypothesized alkene biosynthetic pathway mentioned within requires the 

action of many enzymatic reactions as well as enzymes that have not been 
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characterized and isolated to date.  From the two hypothesized pathways mentioned, 

which can elongate unsaturated or saturated fatty acids before the reduction to 

corresponding aldehydes, fatty acid elongase(s) are needed, which to date, are largely 

uncharacterized and unexplored [30,32,33,34,35,36,37,38].  While evidence herein 

support the hypothesis of desaturation-elongation prior to reduction, the elongation-

desaturation pathway cannot be ruled out for the production of some of the alkenes 

identified.  To produce the aldehyde substrate(s) for the decarbonylation reaction 

mentioned within, the pathway requires the action of a fatty acyl reductase which acts 

on fatty acyl-CoAs.             

With the rich display of non-isoprenoid HCs that are found on the surface of the 

silk, maize is an ideal system to study how these simple hydrocarbons are 

biosynthesized. Silks can be harvested easily and both metabolomic and molecular 

studies can be handled easily and efficiently. Moreover, the recent sequencing of the 

maize genome [39] combined with the extensive collection of maize glossy mutants 

which affect cuticular wax deposition [40,41] provide an opportunity to combine 

metabolomic analysis of maize mutants with genomic data to decipher the complex 

biosynthetic pathway.  Future work would perhaps consist of metabolomic studies that 

deal with the glossy mutants, which in turn could define/test our proposed metabolic 

network.   Moreover, these newly developed extraction methods could be applied to 

new silk sources that exhibit genetic or morphogenetic variation in surface lipid 

accumulation.   
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MATERIALS AND METHODS 

Plant Material 

Experimental tests were conducted using the maize (Zea mays L.) inbred line B73.  The 

silks in this study were covered with a white paper bag prior to silking.  Emerged silks 

were harvested at the point of emergence from the husk leaves, 3 days after silks first 

emerged.     

Plants were grown in the spring of 2013 in the Plant Pathology greenhouse at Iowa 

State University in Ames, IA, USA.  After harvesting, the ears were carried back to the 

lab in ice coolers where they were cut at the emergence point and placed into 50 mL 

conical tubes.  For whole-silk experiments, silks were fresh weighed, flash-frozen with 

liquid nitrogen, and stored at -80˚C.  Prior to metabolite extractions, silks were 

lyophilized, dry-weighed, then powderized using a Geno/Grinder2010.  For silk surface 

experiments, fresh silks were transported to the lab, fresh weighed and then 

immediately dipped in solvent for metabolite extractions.   

 

For the composition analysis for hydrocarbons (Fig. 2), 3 independent B73 fresh silks 

were collected then pooled.  After combining these fresh silks, they were then split in 

half.  Half of the silks (3 samples) were extracted based on whole silk immersions into 

solvent while the other half were lyophilized and ground for SL extractions.   
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Metabolite extraction 

Powderized silks: Lipid metabolites were extracted using 90% hexanes: 10% diethyl 

ether.  Each powderized sample was initially spiked with 5-10 l of the internal 

standard, eicosane (1 mg/ml), depending on the mass of the sample (5 l of standard 

for 0.04 to 0.06 g of sample and 10 l of standard for 0.09 to 0.11 g of sample). Each 

sample was extracted in 2 mL of solvent, vortexed for 10 min and centrifuged at 3,250 

rpm for 5 min.   The extraction procedure was repeated three times and the pooled 

extracts were filtered, concentrated under N2 gas and analyzed via GC-MS.   

Whole silks:  Each fresh silk sample was extracted in 8 mL of solvent that had been 

spiked with 5-10 l of the internal standard, eicosane (1 mg/ml), according to the fresh 

weight.  The silks were immersed into the solvent for 60 sec, and then the solvent was 

poured from the beaker into a clean glass tube and capped [2].  Extracts were 

concentrated under N2 gas and analyzed via GC-MS.   

Emerged silks were collected from 50 B73 ears at 3 days post silk emergence; fresh and 

dry weights were recorded, rendering an average water content estimate of ~90%.  By 

recording the fresh weights of silks that were immersed in solvent, we could accurately 

estimate the dry weight by multiplying our fresh weight (in grams) by 0.1.    

Fatty acid transmethylation 



112 

 

 

Metabolite extracts were derivatized via transmethylation by adding 2ml of 1N HCl in 

methanol.  Samples were vortexed and then heated in a water bath for 80°C for 1 hr.  

After incubation, 2 mL of 0.9% NaCl and 1 mL of hexanes were added to the extract.  

Extracts were vortexed and then centrifuged for 5min to separate the two fractions.  

The hexane layer was recovered and moved to a separate tube.  To the original tube, 

another 1 mL of hexanes added to allow for full recovery of lipid metabolites. 

Dimethyl disulfide derivitization 

All lipid extracts were treated with DMDS for confirmation of double bond positions for 

alkenes, dienes and fatty acids.  For this reaction, 50µl of hexanes was added to the 

dried extract along with 200µl of DMDS and 50µl of an iodine solution (60mg of iodine 

in 1ml of diethyl ether).  The reaction mixture was then incubated overnight (20hr) in a 

heat block set at 40˚C [26].  To recover the lipids, 500µl of hexanes and 500µl of sodium 

thiosulfate (Na2SO4) was added and the mixture was vortexed for 1 min and centrifuged 

at 3,250 rpm for 5 min.  The hexane layers (top) was removed and placed into a new 

GC-MS vial.  This process was repeated twice more to aid in the recovery of all lipids.    

Analytical Instrumentation 

Gas chromatography was performed with an HP-5MS cross-linked (5%) diphenyl (95%) 

dimethyl polysiloxane column (30m in length; 0.25-mm inner diameter) using helium as 

the carrier gas, and an Agilent Technologies series 6890 gas chromatograph, equipped 

with a model 5973 mass detector (Agilent Technologies, 
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http://www.home.agilent.com).  After a 1ul sample injection (splitless), the initial 

temperature (120˚C) of the oven was raised to 260˚C, at a rate of 10˚C/min, and held 

for 1minute.  This was followed by an increase to 300˚C, at a ramp of 5˚C/min, and held 

for 1 minute, then a subsequent ramp to 320˚C by 5˚C/min and held for 2minutes.  The 

total run time for the non-derivatized samples was 30 minutes.  After samples were 

treated with DMDS, unsaturated metabolites were confirmed on a much longer run 

time to allow separation of fatty acid and hydrocarbon derivatives.  After a 1ul sample 

injection (splitless), the oven was increased from an initial temperature of 120˚C to 

160˚C, at a rate of 10˚C/min, and held for 2minutes.  After reaching 160˚C, the oven 

was then raised to 260˚C, at 5˚C/min, and held for 10minutes.  Then the temperature 

was brought to 300˚C, at rate of 5˚C/min and held for 5 minutes.  The last elevation was 

a climb to 320˚C, at 5˚C/min, and held for a 25 minute period.  The total run time for 

these samples was 78 minutes.  

Lipid analysis 

For metabolite confirmation, the mass spectra as well as the retention times and 

retention indices for each compound were used.  The retention indices of these 

metabolites were calculated based on a calibration file of straight chain hydrocarbons 

(C7-C40).  Quantification analysis was performed with AMDIS 

(http://chemdata.nist.gov/mass-spc/amdis/). The NIST Mass Spectral library 
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(http://webbook.nist.gov/chemistry/) was used for identifying compounds by mass 

spec comparisons.    
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CHAPTER 4. SUMMARY AND CONCLUSIONS 

 

 

 The plant SL metabolomic network still remains largely undiscovered.  

Metabolomic, molecular and genetic studies can be combined to decipher the complex 

network for hydrocarbon production.  Maize silks are an ideal system to dissect this 

network not only because the silk surface lipids are rich in hydrocarbons, but also 

because silks are readily abundant, easy to harvest and the processing methods are 

straightforward.  

 Several decarbonylation-based pathways for the synthesis of alkanes and 

alkenes were previously proposed [1].  Although some proposed intermediates were 

identified in silk extracts within that study, many FAs and aldehydes that would 

potentially lead to the production of defined sets of alkenes were not detected.  For 

example, mono-unsaturated FA precursors longer than 18 carbons in length, which 

would support a Desaturation-Elongation-Reduction-Decarbonylation pathway were 

not detected [1]. Herein, we have found putative FA precursors ranging from 16 -34 

carbons in length, providing additional support for desaturation-elongation-

decarbonylation pathway.  While no unsaturated aldehydes were clearly detected in 

these experiments, they have previously been identified in B73 maize silks [1].  In the 

current study, we also identified even-chain hydrocarbons, which potentially could be 

formed via conversion of an aldehyde to a primary alcohol, which is subsequently 
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dehydrated to form a hydrocarbon.  Alternatively, even-numbered hydrocarbons could 

result via a decarbonylation-based pathway that initiates with odd- instead of even-

numbered fatty acids.   

Our previous work on the SL metabolome has focused on profiling 

hydrocarbons only.   However, comprehensive dissection of the SL metabolome 

requires the profiling of not only the hydrocarbon end-point metabolites, but also the 

hypothesized intermediates (e.g. fatty acids, aldehydes, etc.).   Therefore, as reported 

in Chapter 2 we developed and implemented methods to capture intermediate- (e.g. 

fatty acids and aldehydes) and end-point (e.g. hydrocarbons) surface lipid metabolites 

in a single extraction procedure.   Development of this method included the 

identification of the best extraction solvent, best incubation time and best GC-MS 

protocol to maximize efficacy and efficiency for quantification of each desired 

metabolite. In addition, silica was determined to function as a filter to remove all polar 

compounds from the lipid extract (i.e. for extracting only non-polar compounds, such as 

hydrocarbons). Overall, we found that a 9:1 mixture of hexanes to diethyl ether, a long 

incubation time, and the omission of silica performed best as judged by 1) throughput 

efficiency, 2) the breadth of identified metabolites, 3) the degree to which the 

quantifications of subsets of metabolites matched results from our previous best 

methods, and 4) the efficacy and efficiency of the GC-MS protocol required to 

differentiate the metabolites. This methodological study provided a new procedure for 
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extracting all classes of SL metabolites and it also provided an opportunity to refine our 

current extraction method that is specifically designed for hydrocarbon analysis.   

An important aspect of this study was the application of the newly developed 

methods to whole silks vs. powderized silks (Chapter 3).  Extraction of whole silks is 

presumed to enrich the relative composition of surface lipids compared to extraction 

from powderized silks, which are expected to harbor lipid metabolites from both 

apoplasm and symplasm of epidermal, mesophyll, and vascular tissues of the leaf.   

Notably, hydrocarbon content did not differ between whole and powderized silks, 

which suggests that hydrocarbons are located only on the silk surface and is supported 

by previous work [1].  In contrast, aldehyde and fatty acid content differed significantly 

between whole and powderized silks.  From whole silks, broad arrays of saturated FAs 

were identified, whereas unsaturated FAs were only present in the powderized silks.  

The data suggested, herein, suggest that saturated FAs and aldehydes are constituents 

on the surface of whole silks.  Lyophilized extracted silks did not contain virtually any 

aldehydes that were detectable by GC-analyses; while the surface of whole silks 

contained all the saturated FAs that lyophilized silk contained, it also contained a 

broader array of VLC FAs past 30 carbons in chain length.  An alternative explanation 

could implicate differences in the way silks are processed for the two methods; 

however, there is little reason to expect that lyophilizing tissue results in the specific 

loss of unsaturated VLC HCs.   
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While hydrocarbons are most likely produced from the conversion of fatty acids, 

the exact biochemical mechanisms for their synthesis remain unknown.  These 

metabolomic efforts require a series of large-scale parallel investigations that rely on 

metabolite extraction and gas chromatography mass spectrometry (GC-MS) for 

metabolite identification and quantification.  Currently, we are using genomic data as 

well as biochemical metabolite data to piece together nodes in our hypothesized 

pathways. Discovering what enzymes catalyze these specific reactions and which ones 

are expressed at 3-days post silk emergence will resolve the biosynthesis pathway; 

from the work in this thesis, we have confirmed that elongation of unsaturated FA 

precursors occurs, and is likely followed by reduction to aldehydes and subsequent 

decarbonylation to the corresponding alkenes.  Chapter 3 identifies a broad range of 

metabolites that are seen on the surface of the silk cuticle as well as in the ground silks.  

Many of the lipid metabolites that were detected in this work had not previously been 

found in maize silks or in the inbred B73 that was used in our experiments.  Thus, we 

chose to examine the metabolites in both tissues (intact and powderized) to gain 

knowledge for constructing a metabolomic network.   

The application of the new extraction method to whole silks resulted in two 

major findings that impact our previously proposed decarbonylation-based pathways 

for hydrocarbon synthesis on maize silks.  First, we identified even-numbered 

hydrocarbons in addition to the odd-numbered hydrocarbons that have been routinely 

identified in the past [1,2,3].  These odd-chain metabolites consist of alkenes situated 
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at the 4th, 6th and 9th positions along with highly abundant odd alkanes from C21 to C33 

[1].  Second, we identified a wide array of fatty acids present in the SLs of maize silks.  

The identification of these fatty acids is key to the pathways we propose for odd- and 

even- alkene and alkane biosynthesis (Chapter 3, Figure 6 and 7).  Our data clearly show 

that FAs are desaturated prior to elongation, reduction, and decarbonylation.  The 

pathways above are largely consistent with the hydrocarbon biosynthesis pathway 

reported previously for B73 silk tissue [1]. 

For hydrocarbons we detected alkanes consisting of chain lengths ranging from 

14 to 37 carbons.  For alkenes and dienes, a homologous series was detected which 

was seen to have double bonds situated at defined positions of the alkyl chains:  

alkenes with double bonds situated at the 1st, 4th-to-half-the-length of the molecule as 

well as dienes with double bonds situated at the 6th and 9th positions.  From carbon 

chain lengths ranging from C23 to C37, alkenes with defined double bond positions at 

the 7th or 9th carbons seemed to be the most abundant unsaturated metabolites 

detected.  A homologous series of dienes were also found with double bonds at the 6th 

and 9th positions for chain lengths ranging from 23 to 33 carbons. 

Saturated fatty acids were found for chain lengths ranging from 8 to 34 carbons.  For 

mono-unsaturated even and odd-chain fatty acids, we detected a wide variety, but the 

ω-7 and ω-9 series ranging from 16 to 32 carbons in chain length were most prevalent.  

Saturated aldehydes have been found ranging from 8 to 32 carbons in chain length.  

While unsaturated aldehydes were detected for even-chain lengths ranging from 26 to 
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34 carbons by transmethylation, the double bond positions were not identified in this 

work.  No odd unsaturated aldehydes were identified by transmethylation, perhaps due 

to transience of odd aldehydes. 

From the metabolites recovered and detected by GC-MS, we conclude that 

alkanes and alkenes are biosynthesized by the elongation of fatty acid precursors, 

which are reduced to aldehydes before being decarbonylated to their respective 

alkanes or alkenes.  While we believe that the abundant alkenes with double bonds 

positioned at the 7th and 9th carbons are biosynthesized by the elongation of 

unsaturated fatty acid precursors, ω-7 and ω-9 respectively, we cannot rule out 

another pathway which involves decarboxylation.  While our data supports one 

proposed pathway [1], already mentioned, GC-analyses have indicated that even-

chained hydrocarbons are derived from odd-chain fatty acids based on the ω-7 and ω-9 

odd chain FAs detected.  Our hypothesized pathway which involves decarbonylation of 

an aldehyde precursor shows that fatty acid elongase(s) are needed.  This pathway 

would also require the action of a fatty acyl reductase which acts on fatty acyl-CoAs.     

 

FUTURE DIRECTIONS 

 

 Maize has many genetic and molecular resources that make it a model system 

to study and dissect the genetic network associated with SL production.  Our group has 

selected 15 distinct isolines with highly diverse SL chemotypes to proceed with.  Among 
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these 15 isolines, RNAseq data will be gathered as well as metabolite data from four 

developmental sections of the silk.   

 To key in on major regulators of the hydrocarbon biosynthesis pathway, we 

intend to conduct experiments across a diverse panel of genotypes that have already 

demonstrated to have a wide array of SL metabolomes.  Within these investigations, 

we aim to extract and profile lipids along the silk developmental gradient in a “slice-

and-dice” type of procedure.  We anticipate implementing an RNAseq approach into 

this set of experiments in parallel, which brings in a genetics component. 

 The methods developed and optimized herein can now be applied to the further 

dissection of the metabolic network responsible for surface lipid production on maize 

silks.  A long-term goal of this research is to identify and deliver optimized compositions 

of the silk surface lipid metabolome that can confer elevated levels of stress protection 

without compromising pollen receptivity.  Through the breeding of select maize lines, 

we hope to improve grain yield through silks able to withstand harmful abiotic and 

biotic stresses.  Not only would productivity improve, but there would be a decrease in 

agricultural inputs (e.g. chemical treatments, irrigation levels) which would increase 

environmental sustainability.  This would also have important implications to other 

important agricultural crops (e.g. soybean, rice and cotton), which have similar surface 

lipid chemistries.  Since simple hydrocarbons are highly representative on the silk 

cuticle, and are nearly identical replacements for current petroleum derived fuels, this 
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research has an added component towards engineering efforts to producing advanced 

biofuels.   

 

LIMITATIONS AND CEAVEATS 

 Our proposed pathways for hydrocarbon biosynthesis involve the capturing and 

the recovery of aldehydes to prove our decarbonylation pathway mechanism.  While 

we believe aldehydes are the immediate precursors to hydrocarbons, aldehydes 

accumulate in the SLs in very low abundance as compared to hydrocarbons. Currently, 

we have identified saturated even- and odd-chain aldehydes that range from 8 to 34 

carbons in chain length, but have not identified unsaturated aldehydes. The recovery, 

isolation and detection of unsaturated aldehydes have proven to be a difficult feat.  

Since concentrated samples have been analyzed by GC-MS and unsaturated aldehydes 

weren’t detected, it’s possible that they aren’t intermediates in the pathway, or that 

they are present only transiently, or that they are otherwise labile.  However, we 

expect that by bulking many whole-silk lipid extracts together that we will be able to 

isolate these aldehydes by a silica column procedure using a sequential series of 

increasingly polar solvents.  From this isolation, extracts will be heavily concentrated 

and then subjected to dimethyl disulfide derivatization to look at double bond positions 

of these unsaturated aldehydes. 
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 There are other issues to resolve as well; many of the monoenoic fatty acids 

expected to act as precursors have not yet been detected.  Another limitation of our 

proposed pathway was the detection of ω-6 and ω-9 di-unsaturated FAs greater than 

22 carbons in chain length.  We only detected ω-6 and ω-9 even-chain dienoic FAs from 

carbon chain lengths ranging from 18 to 22 carbons. In short, there is no shortage of 

questions to answer; thus we intend to build upon these findings and utilize our more 

effective methods to dissect this metabolomic network at both the genetic, 

developmental, and biochemical levels.   
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